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While Nature harnesses RNA and DNA to store, read and write genetic information, the inherent

programmability, synthetic accessibility and wide functionality of these nucleic acids make them

attractive tools for use in a vast array of applications. In medicine, antisense oligonucleotides (ASOs),

siRNAs, and therapeutic aptamers are explored as potent targeted treatment and diagnostic modalities,

while in the technological field oligonucleotides have found use in new materials, catalysis, and data

storage. The use of natural oligonucleotides limits the possible chemical functionality of resulting

technologies while inherent shortcomings, such as susceptibility to nuclease degradation, provide

obstacles to their application. Modified oligonucleotides, at the level of the nucleobase, sugar and/or

phosphate backbone, are widely used to overcome these limitations. This review provides the reader

with an overview of non-native modifications and the challenges faced in the design, synthesis,

application and outlook of novel modified oligonucleotides.

Introduction

Nucleic acids are the fundamental molecules of life, carrying
the genetic blueprints for all living things on Earth. Refined
through billions of years of evolution, they achieve an ideal

balance between complexity and elegance, a perfect marriage of
form and function. Their main functions consist of the reliable
storage and transmission of hereditary information. The struc-
tural basis behind these functions was first unravelled by
Franklin, Wilkins, Watson, and Crick in 1953 who highlighted
the double helical nature of DNA. Well-defined hydrogen
bonding patterns combined with hydrophobic and stacking
forces maintain DNA in this iconic double stranded helical
structure. In the context of RNA, the functional diversity assumed
by this biopolymer is reflected by an important structural plasti-
city covering numerous secondary and tertiary conformations.
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The high degree of programmability of nucleic acids, along with
synthetic accessibility has led to applications that markedly
deviate from their natural functions. For instance, these bio-
polymers can serve as convenient bricks for the construction of
nanomaterials with novel intrinsic properties,1,2 complex func-
tional biochips,3 potent catalysts,4–6 and media for data storage
applications.7,8 Despite these assets, the efficiency of nucleic acids
in natural settings, but also in numerous practical (in vivo)
applications is often hampered by intrinsic limitations. These
include facile degradation by endo- and exo-nucleases, rapid renal
clearance and poor pharmacokinetic properties, limited accessi-
bility to more complex functional patterns and a dearth of
functional groups capable of mediating binding or catalysis,
especially when compared to proteinaceous counterparts. Nature
remediates some of these shortcomings by introducing additional
chemical modifications into the scaffold of nucleic acids, mainly
at the level of the nucleobase.9,10 For instance, all RNAs contain
modified nucleobases predominantly in tRNAs with an average of
13 modified nucleotides per molecule. These modifications
assume a variety of functions including increasing the stability

of local structures or assisting in the formation of functional
secondary and tertiary structures.11 While some of the modified
nucleotides such as 5-carboxymethylcytidine12 or N1-methyl-
adenosine13 bear only small alterations to the scaffold of the
canonical nucleobases, other patterns such as those found in
wybutosine14 or in other hypermodified bases equipped with
various amino acids15 are rather complex. Inspired by Nature’s
efforts, a myriad of synthetic analogues of nucleosides and
oligonucleotides have been prepared in order to enhance their
properties and further alleviate the aforementioned drawbacks.
In this context, a prime example is the conjugation of N-acetyl-
galactosamine (GalNAc) residues to siRNAs which has massively
improved their targeted delivery to hepatocytes and culminated
in the regulatory approval of the drug patisiran (brand name
Onpattro).16

The seminal discovery of the gene silencing capacity of
antisense oligodeoxynucleotides by Zamecnik and Stephenson17,18

combined with the realisation of the inherent in vivo instability
of canonical nucleic acids19 have spurred tremendous efforts to
modify the chemical architecture of nucleic acids and their
constituting building blocks. The first type of oligonucleotide
modification is the widely used phosphorothioate (PS) inter-
nucleotide linkage, where one of the phosphate non-bridging
oxygens was substituted by a bulkier sulfur atom. This rather
conservative change in the backbone led to a marked improve-
ment in nuclease resistance and bioavailability of the ensuing
oligonucleotides.

Despite these advantages, the PS modification does not
completely protect oligonucleotides from nuclease-mediated
degradation and increases non-specific binding to proteins
while concomitantly reducing the binding affinity for comple-
mentary RNA.35 Hence, novel chemistries were developed to
introduce additional functionalities in the sugar-phosphate
backbone. As highlighted in Fig. 1, any site of the sugar moiety,
phosphodiester backbone, nucleobase or combinations thereof
is amenable to the introduction of chemical modifications.
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In this Section, we discuss the different synthetic methods for
introducing these modifications into oligonucleotides.

Considering the importance of chemical functionalization
of nucleic acids, we have decided to focus this review on the
current and emerging methods for the synthesis of DNA and
RNA analogues and to discuss their main applications. We will
discuss the sites of possible modification, how new functional
groups can be inserted into nucleoside and nucleotide building
blocks, and how these can be assembled to form oligonucleotides.
The scope of this review is not to provide a comprehensive survey
of all modifications made on nucleic acids, nor to describe
naturally occurring modified nucleotides. Rather, recent selected
examples of applications are presented to highlight the possibi-
lities and limitations of the main chemical methods available for
modifying the structure of nucleic acids. As such, we will describe
therapeutic oligonucleotides, stabilized non-canonical RNA and
DNA structures, aptamers, catalytic DNA and RNA molecules and
synthesis of DNA and RNA analogues via photolithographic
methods. Finally, we provide an insight into the challenges facing
nucleic acid analogues especially in the context of therapeutic
agents.

Synthetic methodologies of
nucleosides and oligonucleotides

Interest in the synthesis of nucleoside analogues was spurred
by the quest for potent antiviral drugs.39 The chemistry developed
in this context was then rapidly integrated for the construction of
macromolecular drugs based on oligonucleotides. To do so, the
nucleoside analogues had to be converted into activated building
blocks which could then be assembled to form modified DNA
and RNA oligonucleotides. An overview of important nucleoside
modifications, including some recent developments, will be
given, followed by an elaboration of the different chemical and
chemoenzymatic methods that have been devised for the
synthesis of modified oligonucleotides, as well as their modus
operandi.

Important modifications and recent developments

Sugar modification. Methods for introducing modifications
to the sugar have traditionally required long syntheses with
significant manipulation of protecting groups. To this end, we
will not dwell on those synthetic routes as the current strategies

Fig. 1 Selected recent examples of chemical modifications introduced in nucleic acids. (a) sugar-modified nucleic acids including double-headed
nucleotides (1),20 20-OMe,4 0-F-modified ribobinonucleotides (2),21 40,60-glucosamino nucleic acids (GANA) (3),22 and 20-F-methanocarbacyclic
nucleotides (4);23 (b) backbone-modified nucleic acids including (S)P-P-ethyl-phosphonate nucleic acids (5),24 deoxynucleic guanidine DNG (6),25

phosphoroselenolate nucleic acid analogues (7),26 and triazole-modified RNA (8);27 (c) nucleobase modifications including 5-fluorobenzofuran-2 0-
deoxyuridine (9),28 3-fluoro-6-methylanilinenucleotide (10) involved in Hg(II)-mediated base pairing,29 biversal pyrimidine analogueue (11),30

2-vinylhypoxanthine (12) further modified by the thiol–ene reaction,31 and the fluorescent mimic of deoxycytidine containing a 5-fluoro-7-methoxy-
coumarin moiety (13);32 (d) nucleic acid analogues bearing modifications at multiple sites such as (S)-ZNA (14) that contains an acyclic methyl-
phosphonate backbone33 and serinol nucleic acid (SNA) bearing a pyrene-modified adenine nucleobase (15).34
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for sugar modifications have evolved significantly in the past
decade and will instead focus on the more recent and salient
methods.

In 2014, MacMillan and colleagues developed a strategy for
the synthesis of 5-carbon furanose sugars bearing nucleobases
at the anomeric position.36 The key steps in the reaction
sequence began with an enantiomerically rich a,b-dioxygenated
aldehyde,40 a Lewis acid-catalyzed Mukaiyama aldol addition
and cyclization by treatment with Zn and trifluoroacetic acetic
acid. Finally, reduction with DIBAL-H yielded ribose rings
bearing hydroxyl groups at the anomeric position for further
manipulation (Fig. 2a). This 3-step process enabled synthesis of
5-membered ring ribose, deoxyribose, and 20-modified ribose
sugars in high yields (480%) and high enantioselectivity
(e.e. B90%). Furthermore, the lactone intermediate, prior to
reduction, could be further exploited towards C-nucleosides
or other therapeutic nucleoside analogues such as PSI-6130
(precursor Sofosbuvir, hepatitis C)41 and gemcitabine (cancer).42

While this strategy allowed for efficient synthesis of various
functionalized riboses, the poor selectivity of the glycosylation
of nucleobases remains a major issue. In this regard, inspired by
a ‘‘ribose-last approach’’, Britton and colleagues recently demon-
strated an efficient synthesis of a modified ribose core bearing
nucleobases with the correct stereochemistry.37 This approach
takes advantage of a tandem a-fluorination followed by proline
catalyzed aldol addition of an aldehyde and a dioxanone; then an
annulative fluoride displacement yields modified ribose a- or
b-nucleosides in good yields and enantioselectivity. This strategy
also allows for easy access to C40 modified nucleosides including
bicyclic and certain C-nucleosides via treatment with Grignard
reagents (Fig. 2b). Impressively, they synthesized an ethylene

LNA analogue in 4 steps which had previously required 23
steps.37,43

Direct stereoselective glycosylation of nucleobases, with
5-fluorouracil, deazapurines, and the four major nucleobases
of natural RNA, was achieved by Hocek and coworkers in
2017.44 A modified Mitsunobu reaction results in formation
of the intermediate anhydrase with subsequent nucleophilic
epoxide ring opening resulting in nucleoside formation. The
reaction conditions require only mono-triphenylmethyl protec-
tion of the sugar and neutral reaction conditions with good
yields maintained up to a gram scale. Merck recently developed
a biocatalytic cascade starting from acyclic reagents for the
synthesis of islatravir, a potential nucleoside HIV treatment, with
a 40 modified ribose core.45 Their approach took advantage of
five enzymes engineered for non-natural substrates and required
fewer than half as many steps as any previously reported route.

Inspired by earlier work for palladium-catalyzed synthesis of
acyclic amido ethers,46 Trost and coworkers developed a
method for synthesis of nucleoside analogues via novel chiral
diamidophosphite ligands (Fig. 2c).38 Most of their efforts
focused on the synthesis of 5 to 12-membered rings containing
oxygen and nitrogen with pyrimidines at the anomeric position.
These novel macrocyclizations open the door for new studies
on even larger and more conformationally flexible rings in
nucleic acids.

Both 6-membered47–50 and 7-membered51–53 ring nucleic
acids have been explored. Hexose nucleic acids (HNA) are among
most notable.54 Recently, fluorinated55 and unsaturated56 HNA
analogues have been prepared and were found to increase
duplex stability.57 Furthermore, glucosamine based nucleic
acids have been synthesized with b-oriented nucleobases at

Fig. 2 Selected asymmetric syntheses of nucleosides and their analogues. (a) MacMillan’s Mukaiyama aldol addition followed by ring closure and
reduction.36 (b) Britton’s electrophilic a-fluorination and aldol condensation followed by annulative fluoride displacement.37 (c) Trost’s palladium
catalyzed formation of oxygen and nitrogen containing heterocycles bearing pyrimidine nucleobases.38
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the anomeric position.22 These analogues bear charged amino
groups and their affinity towards complementary targets was
found to be dependent on the linkage connectivity (40-60 vs.
30-60). A different ring expanded analogue acid, that has
been extremely important for therapeutic applications, is the
morpholino nucleic acid.58,59

Perhaps even more synthetically challengingly than 6-membered
sugar rings are the 7-membered ring oxepane nucleic acids
(ONAs). First prepared by Damha and coworkers51 via ring
expansion of cyclopropanated sugars,60 ONAs were able to bind
complementary RNA targets (albeit with low affinity), elicited
RNase H degradation of the RNA strand, and exhibited high
nuclease resistance.

Another interesting modification of the sugar unit results by
linking a second nucleobase at C20 of the sugar via a methylene
group (Fig. 1a).61 Initial efforts produced a uridine linked to a
thymine base (UT). When incorporated into an oligonucleotide,
the ‘‘double headed’’ UT unit was able to base pair with two
adenine bases on the complementary strand. In standard
sequences UT was found to be destabilizing; however, it was
stabilizing when a bulge was present in the complementary
strand. Double-headed nucleotides of mixed base composition
or arabinose sugars were also synthesized.62,63 Interestingly,
while the triphosphate derivative of UA was not a substrate for
four DNA polymerases tested, it proved possible for Therminator
DNA polymerase to transfer the information of UA in a template
sequence to natural DNA under controlled conditions.64

Base modification. Progress in heterocyclic chemistry has
permitted the construction of a myriad of nucleobase analogues.
In conjunction, the nucleobase has advanced as a popular site for
the introduction of functional groups into nucleic acids since this
often causes little disruption of the Watson–Crick recognition
pattern and thus does not perturb or disrupt the genetic informa-
tion carried by the DNA or RNA sequences.65,66 Simultaneously,
modified nucleobases can increase the thermal stability of
duplexes and gene silencing activities,67–69 enable the introduc-
tion of fluorescent70–72 or redox labels,73,74 convey additional
reactivity,75,76 or expand the genetic alphabet.77–79 Early examples
of chemical variations of the chemical composition of nucleo-
bases stem from synthetic efforts to develop nucleoside-based
antiviral agents.80,81 These early modifications included, for
instance, 2,6-diaminopurine,82 or 5-vinyl pyrimidines83 and
mainly represented small architectural variations of the overall
structure of the canonical bases. The complexity, diversity,
and nature of the applications of base-modified nucleosides
and nucleotides have all rapidly expanded since these first
examples.

Numerous synthetic pathways have been devised for the
introduction of modifications at the level of the nucleobase and
mainly involve glycosidic bond formation between an altered
nucleobase and an activated sugar unit or, alternatively, by
further modification of suitable synthetic precursors (Fig. 3).
Direct glycosylation reactions of activated sugar moieties are
commonly used since they grant access to a broad variety of
base-modified nucleoside analogues. However, this approach is
often impaired by the poor solubility and nucleophilicity of the

nucleobases resulting in low yields and unfavorable stereo-
selective outcomes of the reactions. Consequently, most glyco-
sylation methods require prior activation of both the sugar and
the nucleobase moieties.88 In this context, the Vorbrüggen
nucleosidation reaction is undoubtedly the most commonly
used method for the synthesis of modified nucleosides and
involves the nucleophilic attack of persilylated nucleobases
on acylated sugar residues89 in the presence of a Lewis acid
(Fig. 3a).84 Despite the immense success of this method, it is
often impaired by moderate N7/N9 and/or poor a/b stereo-
selectivity as well as compatibility issues with specific func-
tional groups due to the rather strong Lewis acid conditions.
Milder variants of the Vorbrüggen reaction include the
N-iodosuccinimide-mediated addition of persilylated nucleo-
bases on glycals which has been successfully applied to con-
strained nucleic acids (Fig. 3b)90 or the use of Brønsted acid
catalysts such as pyridinium triflate salts.91 A catalyst free variant
of the Vorbrüggen reaction has also been reported and applied to
the synthesis of various base- and sugar-modified nucleoside
analogues.92 More recently, a broad scope method was reported
which combines glycosyl ortho-(1-phenylvinyl)benzoates donors
with persilylated nucleobases (Fig. 4a).93

The glycosidic bond connecting the nucleobase with the
sugar moiety can also be formed by application of metal

Fig. 3 Main synthetic pathways to nucleobase-modified purine and
pyrimidine nucleoside analogues: (a) the Vorbrüggen nucleosidation reaction
involving Lewis acid activated nucleophilic attack;84 (b) the Pd-catalysed Heck
reaction;85,86 (c) chemoenzymatic transglycosylation methods; (d) Pd-
assisted cross-coupling reactions with purine and pyrimidine precursors.87
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catalyzed and organometallic reactions. For instance, the Heck
coupling has been used extensively for the synthesis of
C-nucleoside analogues such as 13 (Fig. 1) where halogenated
or organometallic aryl and heterocyclic derivatives are reacted
with glycals in the presence of a Pd-based catalyst (Fig. 4b).86

Metal catalyzed cross-coupling reactions have also been devel-
oped for the synthesis of N-glycosidic, base-modified nucleoside
analogues, mainly in the context of antiviral drugs. For instance,
a two-step method involving Pd-catalyzed addition of unprotected
nucleobases to alkoxyallenes followed by ruthenium-catalyzed
ring-closing-metathesis has been proposed as a convenient and
atom-efficient method for the isolation of a broad range of
nucleobase-modified analogues (Fig. 4b).46 Similarly, an asym-
metric Pd-catalyzed iodoetherification method has recently been
reported for the synthesis of nucleoside analogues equipped with
an iodine atom on the sugar moiety which serves as synthetic
handle for the introduction of additional functional groups
(Fig. 4c).38

The advantages of this iodoetherification method include
high yields, mild conditions, and access to size-expanded
sugar nucleosides which might be of interest in the context
of xenobiology (see Section 3.4).99,100 Other metal catalysts,
particularly Au(I)-based complexes, have also been suggested
for nucleosidation reactions.101

Chemoenzymatic methods, mainly involving nucleoside
phosphorylases and N-deoxyribosyl-transferases (NDTs), represent
a solid alternative to chemical methodologies for the installation
of modified nucleobases on the (deoxy)ribose unit (Fig. 3c).
Compared to classical multistep chemical methods, enzyme-
mediated transglycosylation reactions do not require complex
protecting group patterns or harsh conditions while concomi-
tantly ensuring high stereoselective outcomes of the reactions
with respect to the anomeric configuration. This versatile
method has allowed the construction of numerous nucleoside
analogues including imidazole containing nucleosides,102 base-
modified therapeutic nucleosides,103 fleximers,104 and has recently
been expanded to ribonucleosides.105

While direct, chemical and chemoenzymatic glycosidation
reactions of nucleosides grant access to virtually any type of
base-modified analogue, they often involve low-yielding,
lengthy synthetic protocols with uncertain stereo- and regio-
selective controls. As an alternative, nucleosides bearing small
modifications can serve as precursors for the introduction of
additional functional groups. In this context, popular sites of
heterocyclic modification are solvent-exposed locations in
duplex major grooves (i.e. mainly at positions 5 of pyrimidines
and 7 of purines) since they avoid inducing structural perturba-
tions and often increase the thermal stability of duplexes.106

Modifications located at these sites are easily accessible via
Pd-assisted cross-coupling reactions (mainly Sonogashira,
Heck, Suzuki, Stille, and Negishi coupling reactions) with
halogenated purine and pyrimidine precursors (Fig. 3d).87 This
method is very convenient since it can be directly implemented
on nucleosides,107 nucleotides,108–110 and oligonucleotides,111

both in organic and aqueous media.112 The synthetic, haloge-
nated pyrimidine precursors can easily be obtained by direct
halogenation of the corresponding unmodified nucleosides or
via organometallic intermediates as highlighted in the synth-
esis of analogue 9 (Fig. 1).113 Halogenated purine nucleosides
are usually obtained either by stereoselective glycosylation114 or
by nucleobase anion glycosylation115 using activated sugar
moieties such as Hoffer’s chlorosugar.89

Besides Pd-mediated cross-coupling reactions, functional
groups can be introduced on the nucleobase via the broadly
applied Cu(I)-catalyzed azide–alkyne cycloaddition (CuAAC)
reaction of alkynyl-modified nucleoside and nucleotide precursors
with azide derivatives.116 In this method, ethynyl-(deoxy)uridine
(E(d)U) is undoubtedly one of the most popular synthons due
to its ease of synthesis,117 facile functionalization by the click
reaction,118,119 and biocompatibility.120,121 However, the require-
ment for cytotoxic Cu(I) restricts CuAAC reactions mainly to
in vitro applications. To circumvent this, other biorthogonal
click reactions have been developed including strain-promoted
azide–alkyne cycloaddition (SPAAC),122,123 photoinduced click
reactions,124 or inverse-electron-demand Diels–Alder (iEDDA)
reaction.125 In order to apply these bioorthogonal reaction tools
to nucleic acids, suitable nucleoside and nucleotide analogues
have been synthesized and some of the most common synthons
are shown in Fig. 5. Bioorthogonal click reactions will be
discussed in more detail in Section 2.3.

Fig. 4 Recent alternative glycosylation reactions: (a) broad scope method
based on a stable O-glycosyl donor;93 (b) sequential metal catalysis
method using unprotected nucleobases;46 (c) asymmetric Pd-catalyzed
iodoetherification method.38
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Nucleosidic scaffold modification. The chemical nature of
the nucleosidic scaffold permits the introduction of modifications
at more than one defined location but this often comes at
the expense of more complex synthetic pathways. Consequently,
there is no unifying synthesis of such non-native analogues
and therefore only the main approaches and examples will be
considered in this section.

One of the earliest and most successful examples of non-
native nucleic acid analogues bearing multiple modifications is
PNA (Peptide Nucleic Acid; Fig. 6a).126 In PNA, the entire sugar-
phosphate backbone is substituted with a neutral polyamide-
based scaffold, reminiscent of the chemical architecture
found in proteins. This DNA mimic forms highly stable duplex
and triplex structures with PNA, DNA, and RNA oligonucleo-
tides and was initially designed as an antisense candidate.

The favorable assets of PNA have triggered a number of research
areas based on this analogue including in microRNA detection,127

as a potential substitute for prebiotic RNA in research on the
origin of life128 or in genome editing methods.129 PNA monomers
and their structurally modified variants are mainly synthesized by
coupling the desired nucleobase to an activated backbone
obtained by reductive aminations of N-protected glycinals,130

alkylation of methyl N-(2-Boc-aminoethyl)glycinates,131 or by the
Ugi reaction.132,133

Related to PNAs are glycerol nucleic acid (GNA; Fig. 6b)134

and serinol nucleic acid (SNA; Fig. 6c)135 in which the entire
sugar-phosphate scaffold of DNA is similarly replaced by acyclic
backbones based on propylene glycol and serinol (2-amino-
1,3-propanediol), respectively. However, both GNA and SNA are
negatively charged due to the presence of phosphate units that
connect monomers together and are chiral in nature unlike
PNA. GNA monomers are easily obtained by a ring opening
reaction of DMT-protected (R)-(+)- or (S)-(�)-glycidol by
unprotected nucleobases,134 while SNA monomers are synthe-
sized by coupling of the nucleobases to the amine moiety
of L-serine via amide bond formation.34,135 Base-modified
analogues of PNA,136 GNA,137 and SNA34 have all been reported
and represent non-native analogues of DNA and RNA where all
the structural constituent parts have been chemically altered
compared to the parent nucleosides.

By combining sugar and nucleobase modifications, non-
native nucleic acids can be obtained which display enhanced
resistance against nuclease-mediated degradation and bear
additional functionality which permits an expansion of the
scope of applications. Representative examples are base-
modified xenonucleic acids (XNAs), where the artificial sugar
moiety confers orthogonality to canonical nucleic acids as well
as serum stability. On the other hand, the altered nucleobase
permits enhanced binding to complementary nucleic acid
sequences138 and proteins,139 fluorescent labelling via the
introduction of pyrene moieties,140,141 or the introduction of
additional functional groups via the Cu(I)-catalyzed click
reaction.142–144 In terms of synthetic approaches, base-modified
XNA building blocks are mainly obtained by appending suitably
protected modified nucleobases via Vorbrüggen or nucleobase
anion glycosylation reactions. Similar synthetic approaches have
also been applied for the synthesis of RNA analogues bearing
functional alterations at the level of the nucleobase and sugar
units.145,146

Solid-phase synthesis

The current access to a vast array of oligonucleotide chemical
modifications is largely due to pioneering work in DNA and
RNA chemistry and improved manufacturing and quality
control methodologies. Automated solid-phase synthesis is
probably the most common method for the construction of
oligonucleotides and has revolutionized many scientific disci-
plines. This technology is based on the stepwise addition of
activated nucleoside building blocks by P–O bond formation
relying on a P(III) center.147 The most common building blocks
used in solid-phase synthesis of oligonucleotides are nucleoside

Fig. 5 Common nucleoside analogues used for biorthogonal labelling
reactions including ethynyl-(deoxy)uridine (EdU/EU) 16, 5-(Azidomethyl)-
20-deoxyuridine (AmdU) 17,94 dibenzocyclooctyne-modified deoxyuridine
5-DIBO-K 18,95 diaryltetrazole containing building block 19,96 norbornene-
modified analogue 20,97 and nucleoside dCESQ 21 equipped with a
squaramate moiety.98

Fig. 6 Chemical structure of nucleic acids containing altered sugar-
backbone scaffolds compared to canonical DNA (R = H) and RNA
(R = OH). (a) PNA; (b) GNA; and (c) (S)-SNA.
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30-phosphoramidites148 and 30-H-phosphonates.149,150 A schematic
representation of the use of these monomers in solid-phase synth-
esis are highlighted in Fig. 7. A number of recent reviews have been
dedicated to explaining the working principle of these methods so
we will refer the interested reader to these articles.10,151,152

The success of solid-phase approaches is reflected by the
access to modified oligonucleotides in up to gram and even
kilogram scales at affordable costs.153 However, this method
still suffers from high reagent and solvent consumption,
necessity for activated building blocks, size and functional
group limitations due to exposure to rather harsh conditions

(vide infra), low degrees of multiplexing, and intrinsic scalability
limitations. In addition, efficient synthesis of long RNA sequences
by solid-phase approaches still remains more challenging than
for their DNA counterparts mainly because of the necessity of
protection of the 20-OH of the ribose.154 Hence, numerous
studies are dedicated to improving solid-phase synthesis of
modified oligonucleotides through an increase of coupling
yields and rates, for instance, by identifying alternative protec-
ting group strategies155,156 or protocols such as solution-phase
synthesis.153,157 In addition to these chemical methods, micro-
array synthesis of oligonucleotides has advanced as a strong

Fig. 7 Schematic representation of the main solid-support driven syntheses of oligonucleotides. (A) the synthetic cycle with phosphoramidite chemistry
includes (1) deprotection of the DMTr groups; (2) condensation of the incoming phosphoramidite building block with a tetrazole activation step;
(3) capping of the unreacted hydroxyl groups; (4) oxidation to P(V); and (5) either the cycle is repeated or the sequence is subjected to a global
deprotection protocol. (B) The synthetic cycle with H-phosphonate chemistry includes (1) deprotection of the DMTr groups; (2) condensation of the
incoming H-phosphonate building block in the presence of an activating agent such as pivaloyl chloride; (3) either the cycle is repeated or the sequence
is subjected to an oxidation to P(V) followed by a global deprotection protocol.
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alternative to column-based oligonucleotide synthesis. In
microarrays, large populations (up to a million different
sequences) of DNA or RNA oligonucleotides are deposited,
immobilized or synthesized directly on surfaces.158,159 Micro-
arrays can be produced by a number of strategies amongst
which photolithography and inkjet printing hold great promise
and will be discussed in more details in Section 3.5 of this
article.

The phosphate backbone connecting nucleotides together in
DNA and RNA oligonucleotides bears negative charges under
physiological conditions (pKa B 2) which is a strong impedi-
ment for crossing biological membranes. In addition, endo-
genous exo and endonucleases efficiently hydrolyze inter-
nucleotide phosphodiester linkages and degrade DNA, and
especially RNA, oligonucleotides within minutes. The simple
substitution of a non-bridging oxygen by sulfur (PS)160,161 or
another chalcogen increases the hydrophobicity of the oligo-
nucleotides while enhancing binding to serum and plasma
proteins,162 and hence cellular internalization and circulation
times. In terms of synthesis, PS oligonucleotides are obtained
by solid-phase synthesis that differs only at the level of the
oxidation step from that of canonical PO oligonucleotides.
Initially, elemental sulfur (S8)163 was used but was gradually
replaced by more efficient sulfur transfer reagents (e.g., Beaucage
reagent 22; Fig. 8).164 Unlike phosphodiester linkages, PSs are
chiral and the oxidation step yields a mixture of two diastereo-
mers. The chirality of the PS modification has a profound impact
on the pharmacokinetic and pharmacodynamic properties of
oligonucleotides since Sp-configured PS linkages are more resis-
tant to nuclease degradation than their Rp-counterparts161,165,166

but concurrently reduce the binding affinity to target RNA.167

Elegant synthetic protocols have been devised to synthesize
PS-modified oligonucleotides with full stereocontrol. A first
step towards this goal was achieved by careful selection of the
phosphoramidite activators since these induce a stereochemical
bias during solid-phase synthesis.168 A major improvement in the
stereo-controlled synthesis of PS oligonucleotides was achieved by
the introduction of chiral 30-O-oxazaphospholidine building
blocks in place of phosphoramidites, combined with the use
of N-(cyanomethyl)-pyrrolidinium trifluoromethanesulfonate
coupling agents during solid-phase synthesis (23 in Fig. 8).165

This strategy allowed the synthesis of a stereopure analogue of
mipomersen – a clinically approved antisense oligonucleotide.165

More recently, an elegant method was established for the stereo-
controlled synthesis of PS-oligonucleotides that circumvents the
need for P(III) reagents. In this strategy, a chiral P(V) reagent based
on a limonene scaffold and a P(V)-oxathiaphospholane sulfide

core reacts with a free 30-OH moiety and yields stereopure PS
oligonucleotides (24 and 25 in Fig. 8).169 As an alternative to
such synthetic protocols, the stereochemical issue of PS linkages
can be overcome by using prochiral phosphorodithioate (PS2)
linkages.170 Synthesis of PS2-containing oligonucleotides is rather
straightforward, mainly requiring thiophosphoramidite building
blocks, followed by oxidation of the resulting thiophosphites with
a sulfurizing reagent.171 The usefulness of the PS2 modification to
improve the properties of both antisense agents and aptamers has
clearly been established.172,173

Besides the substitution of the non-bridging oxygens with
sulfur or borane (BH3

�),174 alternative internucleotide phos-
phodiester modifications have been reported recently. In this
context, the laboratory of Tom Brown has introduced a bio-
compatible artificial backbone consisting of a triazole linkage
(e.g. 8 in Fig. 1) obtained by splint or CuAAC-mediated chemical
ligation of oligonucleotide precursors.95 The triazole substitution
does not affect replication by polymerases both in vitro175,176 and
in vivo.27,177

Improvement of cellular uptake of oligonucleotides without
the use of transfecting agent represents a major goal in the
development of therapeutic nucleic acids. For instance,
inspired by the efficiency of cell penetrating peptides, the
phosphodiester linkage can be replaced by a permanently
positively charged guanidinium group (see 6 in Fig. 1).178,179

The Mirkin group recently reported a facile and high-yielding
synthesis of guanidine linked oligodeoxynucleotides using
iodine to couple protected thiourea monomers on a solid
support. This robust protocol enabled the facile and high-
yielding synthesis of 20 nt long oligonucleotides that displayed
robust unaided cellular uptake, as compared to unmodified
oligonucleotides, without apparent cellular toxicity.25

Post-synthetic approaches

Solid-phase synthesis of modified oligonucleotides involves
conditions that are not necessarily compatible with more fragile
functional groups such as aldehydes, thiols, or tetrazines.180

In addition, each modified sequence needs to be prepared
separately with custom made building blocks, each of which
requires non-negligible synthetic efforts. Other applications
such as visualization of nucleic acids within cells or even living
organisms, require labelling and functionalization strategies
that do not interfere with biological processes and that cannot
be easily achieved via solid-phase synthesis. Therefore, various
post-synthetic approaches have been devised to bypass these
limitations. Robust and reliable post-synthetic methods for the
incorporation of functional groups into nucleic acids need to
be bioorthogonal, biocompatible, high-yielding, and capable of
operating under mild conditions.116 In this context, cyclo-
additions, and particularly the CuAAC reaction, are enjoying
wide popularity for the functionalization of nucleic acids. In the
CuAAC reaction, azide and terminal alkyne moieties efficiently
react in the presence of a Cu(I) catalyst to form a triazole
heterocycle without interference from other nucleosidic func-
tional groups. The CuAAC is compatible with modification
protocols for in vitro and in vivo labelling of oligonucleotides

Fig. 8 Structures of the Beaucage reagent (22) and of chiral precursors
(23–25) used in the stereocontrolled synthesis of PS-oligonucleotides.
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and nucleotides.94,181–183 Copper-free versions of the CuAAC
such as the ring-strain promoted azide–alkyne cycloadditions
(SPAAC) are attracting an increased attention, especially for
in vivo labelling purposes, since they omit the use of cytotoxic
Cu(I) in the functionalization reactions.123 In SPAAC, the need
for the Cu(I) catalyst is compensated by the release of ring
strain of cyclooctynes substituted with electron withdrawing
units.184 Even though the second order rate constants for
SPAAC reactions are typically 1 or 2 orders of magnitude below
those observed with the corresponding CuAAC,185,186 copper-
free click reactions are invaluable for the metabolic labelling of
nucleic acids.94,181,187,188 Due to the intrinsic properties of the
alkyne–azide cycloaddition, numerous DNA and RNA building
blocks (triphosphates and phosphoramidites) have been
reported for post-synthetic modification applications via
CuAAC and SPAAC (see Fig. 5).

Another popular, copper-free cycloaddition reaction is the
Diels–Alder reaction with inverse electron demand (iEDDA)125

where electron-rich dienophiles (e.g. strained alkenes or
alkynes) react with electron-poor dienes (such as 1,2,4-
triazines or 1,2,4,5-tetrazines) to form six-membered hetero-
cycles including dihydropyridazines (with alkenes as dieno-
philes), pyridazines (with alkynes as dienophiles), and pyridyl-
containing structures (with triazines as dienes).189–191 Electron-
poor dienes such as 1,2,4,5-tetrazines are often incompatible
with both solid-phase and polymerase-mediated synthesis of
oligonucleotides180,192 and therefore suitable building blocks
containing electron rich dienophiles are usually preferred. The
iEDDA method has mainly been used for the in vitro modification
of nucleic acids193,194 and only few reports have been dedicated to
in vivo labelling strategies.195,196

Alternative copper-free click reactions are the ‘‘photoclick’’
and the ‘‘sulfo-click’’ reactions.197,198 In the photoclick reaction,
the cycloaddition of a tetrazole with an alkene forms a pyrazoline
cycloadduct which is triggered by photoirradiation. The advan-
tages of the photoclick reaction over other post-synthetic labeling
methods include high spatio-temporal control, lack of (toxic)
catalyst, and biocompatibility and bioorthogonality. The photo-
click approach has been used for the in vitro and in vivo labelling
of DNA.96,198 In the sulfo-click reaction, thioacids react with
sulfonyl azides in the presence of a base to yield N-acyl sulfona-
mide conjugates with second-order kinetic constants comparable
to that of the SPAAC.197,199 The sulfo-click reaction was recently
applied to conjugate deoxyribonucleosides and ribonucleosides to
peptides and biotin moieties displaying potential for the labelling
of oligonucleotides.197

Transient protection and caging of DNA and RNA oligo-
nucleotides can be achieved by different post-synthetic
approaches. The inclusion of light sensitive blocking group is
certainly one of the most popular and developed strategies,
since it allows for a spatio-temporal control of the activity of
nucleic acids by simple, non-invasive, light irradiation.200

Blocking groups mainly based on nitrobenzyl201 or substituted
phenol groups202 have been appended at virtually any position
of the nucleosidic scaffold and the intended function of the
photocaged DNA or RNA oligonucleotides can be restored by

photoirradiation which removes the light sensitive groups.
An alternative strategy involves a transient blockade of the
function of RNA by the installation of an acetylation pattern
on the 20-OH groups of RNA. A simple treatment with an azide-
containing acylation reagent leads to a high yield of 20-O-
acetylated RNA that displays impaired enzyme recognition,
folding, and hybridization properties. A treatment with a
phosphine reduces the azide to the corresponding amine which
undergoes an intramolecular cyclization and a concomitant
elimination of a lactam which restores the bioactivity of the
RNA oligonucleotide.203

Mechanochemistry

Mechanochemistry is a relatively new discipline within the field
of chemistry that takes advantage of mechanical forces (such as
grinding, shearing, or crushing) to provide the energy for
chemical reactions, often in the complete absence of solvent.
Particularly, mechanochemistry has emerged as an exciting tool
for organic chemists that can often enable reactivity not
observed in solution with short reaction times, high yields,
and little or no solvent.204,205 However, the application of
mechanochemistry to nucleosides and nucleic acids is relatively
underdeveloped, but has recently been reviewed.206 Nonetheless,
some interesting applications will be highlighted here.

Vyle and coworkers have demonstrated non-selective, silyla-
tions of 20, 30, and 50-OH groups of ribonucleosides, followed by
in situ benzoylation of the exocyclic amine of cytidine using
vibration ball milling (VBM).207 Compared to traditional silyla-
tions, their approach is much faster and proceeds with near
quantitative yield. In addition, the Vyle group has focused their
efforts towards the mechanochemical synthesis of novel
nucleotide pyrophosphate and pyrophosphorothiolate
linkages.208–210 They have also demonstrated other interesting
applications of mechanochemistry to nucleic acids which are
covered in their review.206

Interestingly, Migaud and co-workers have also combined
mechanochemistry with ionic liquids for preparation of nucleic
acid phosphoramidites.211,212 The use of ionic liquids stabi-
lized moisture-sensitive phosphitylating reagents and allowed
for rapid and high yielding preparation of phosphoramidites,
ready for solid-phase synthesis.

Recently, VBM has been applied by Damha, Friščić and
coworkers using both H-phosphonate and phosphoramidite
methods to synthesize DNA dimers and trimers under near
solvent-free conditions.213 Their work is noteworthy in that
it is the first to apply mechanochemistry to the synthesis of
nucleotides linked by phosphodiester bonds, but also includes
a method for preparation of phosphorothioates. Their
H-phosphonate approach converts the pentavalent P(III) center
to a P(V) center with a sulfur-transfer reagent. Careful selection
of the sulfur transfer reagent allows conversion to the phos-
phodiester or phosphorothioate backbone.214 Additionally,
through careful selection of the activator, they were able to
achieve in situ detritylation based on the equivalents of pyridine
(Fig. 9a). Their phosphoramidite approach uses elemental
sulfur (Fig. 9b) to synthesize phosphorothioates, as they have
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interestingly found some of the more modern sulfurization
reagents (Beaucage’s reagent 22) to be incompatible with the
mechanochemical conditions.

Polymerase-mediated synthesis

Enzymatic oligonucleotide synthesis, using polymerases derived
from nature, is a cornerstone technique in the biochemical
laboratory utilizing the high efficiencies, fidelities and ease of
application provided by eons of evolution. While automated
solid-phase synthesis is widely used for large scale oligo-
nucleotide syntheses, resulting oligonucleotide products are
severely size constrained, with yields dramatically decreasing
as sequence length increases up to a practical limit of around
100 nucleotides (often less for RNA). Using polymerases, these
size constraints can be overcome, albeit requiring a template
strand and a far lower scale (in the mg range). Enzymatic
incorporation of modified nucleoside triphosphates (dN*TPs
and N*TPs) improves the chemical space that can be explored
during the SELEX process, discussed in detail in Section 3.4,
and as such prescreening of a modified nucleotide for enzy-
matic recognition, incorporation and reverse transcription is
required.110,215–217

Since the advent of PCR, the number of commercially
available natural polymerases has increased dramatically.
Fortunately for life and unfortunately for modified oligo-
nucleotide synthesis, these natural polymerases can be highly
nucleotide specific for canonical nucleotides and unforgiving
to nucleotide modifications. Engineering of new polymerases,
based on those found in nature, can lead to more successful
incorporation of chemically-modified triphosphates and ribo-
nucleotide triphosphates. A number of engineering strategies
exist including Darwinian mimicking directed evolution,
rational design based on computer modelling, and random
mutagenesis and screening.218 A clear example of the power of

polymerase engineering with dN*TP acceptance is ‘Therminator
DNA polymerase’ an engineered, triply mutated, variant of
91N DNA polymerase rationally designed following successful
previous mutation of the Vent DNA Polymerase exo� and
related polymerases.219 Therminator is rendered compatible
with a wide range of sugar, base and backbone modifications
alongside ribonucleotide compatibility as outlined in a recent
review.220 It has been reported that polymerases of the B
family (such as Vent (exo�), KOD, and Pwo) are more efficiently
able to incorporate multiple consecutive base modified
nucleotides.110,221–224

Perhaps the most generally tolerated modification in enzy-
matic incorporation is pendant addition at the C5 pyrimidine
position, with the C7 position of adenine and guanine being
other common modification targets.225 These positions are
known to cause minimal disruption of Watson–Crick base
pairing, as introduced bulky groups sit comfortably in the
major groove.222,226 At these positions base modifications can
often be incorporated using standard polymerases such as Vent
(exo�) or KOD, including multiple consecutive incorporations.227,228

Other sites such as position N4 of pyrimidines have been shown
to accommodate modifications rather well and efficiently serve
as substrates for polymerases.229 Modifications can also be
accommodated in the minor groove of DNA by altering dN*TPs
at position 2 of purines without impairing contacts with
polymerases necessary for enzymatic synthesis.31 Many types
of pendant moieties have been successfully incorporated.230–232

The nature of the attached modification as well as that of the
linker arm have an effect on the efficiency of incorporation in
PCR.233 A recent report demonstrated the marked effect that
the hydrophobicity of pendant groups have on PCR efficiency,
with hydrophobic groups observed to drastically reduce the
quantity of PCR product produced.221 Interestingly, poly-
merases also tolerate nucleotides devoid of nucleobases and
predominantly incorporate these minimal nucleotides opposite
templating adenine nucleotides following the well-established
‘‘A rule’’.234

Sugar modification can prove less compatible with polymerases.
This reluctance at accepting sugar-modified dN*TPs arises
from various structural features of polymerases, including the
presence of bulky amino acid residues which enable poly-
merases to dismiss nucleotides bearing 20-substituents from
unmodified counterparts.235 In addition to this steric gate
discrimination, the action of polymerases generally requires
interaction with the 30-OH for efficient triphosphate orienta-
tion making modifications at this position less easy to incor-
porate by natural polymerases. Despite this, polymerases have
been found to incorporate a wide range of sugar modifications
such as 2 0-fluoroarabinonucleic acids (FANA),224 LNA,236 7,5-
bicylo-DNA,237 and (3 0-2 0) a-L-threose nucleic acid (TNA),238,239

among others. Backbone modifications of the phosphodiester
linker involving replacement of the non-binding negatively
charged oxygen with a negatively charged species such as PS
and borane (BH3

�) have been successfully achieved enzyma-
tically, albeit perhaps leading to some copy error issues
with PS.240

Fig. 9 Mechanochemical synthesis of short DNA fragments by vibration
ball milling. (a) H-phosphonate approach using different activators and a
sulfur transfer reagent. (b) Phosphoramidite approach using elemental
sulfur for preparation of phosphorothioates.213
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Some examples of nucleotides bearing modifications at
more than one specific location, typically at the level of the
sugar and the nucleobase, have been reported but are clearly
underrepresented amongst all dN*TPs.143,144,241

As the appetite for investigation of longer oligonucleotide
sequences increases, as does the necessity for more advanced
enzyme mediated synthetic protocols. In this context, enzy-
matic synthesis of modified nucleic acids can also be achieved
by means of template-independent polymerases such as Poly or
the terminal deoxynucleotidyl transferase (TdT). These poly-
merases are mainly active in repair mechanisms and extend
ssDNA with (random) nucleotide insertions. The terminal
transferase activity of such polymerases can be hijacked to
append modified nucleotides at the 30-termini of single-
stranded DNA or RNA oligonucleotides. The substrate tolerance
of both Poly and the TdT is quite broad, especially when Mn2+

is used as a cofactor, and ranges from nucleobase modifica-
tions to ribonucleotide analogues194,242–245 and to a certain
extent even to XNA-based nucleotides.246 These favorable pro-
perties have propelled polymerases with terminal transferase
capacity into a number of practical applications including
functional tagging, general enhancement of in vivo stability,
or the formation of conjugates with other biomolecules such as
peptides. More recently, TdT-controlled DNA synthesis has
been suggested as a valid alternative to replace phosphor-
amidites in solid-phase synthesis7 and oligonucleotides consisting
of up to 300 nucleotides could be crafted by such an approach.247

Paralleling these efforts in DNA synthesis, RNA polymerases
capable of terminal transferase activity such as the Terminal
Uridylyl Transferase (TUTase)188 and poly(A) polymerase
(PAP)248 are currently evaluated for the synthesis of modified
RNA oligonucleotides.

Interesting, alternative enzymatic synthesis strategies have
recently been reported by the Kool and Holliger groups that
circumvent the need for nucleoside triphosphates as activated
building blocks.249,250 Indeed, dN*TPs are prone to hydrolysis,
both upon storage and under elevated temperatures required
for PCR for instance,251 while the accumulation of the pyropho-
sphate by-product generated during DNA synthesis inhibits
polymerases and might even lead to primer degradation via
catalysis of the reverse reaction (Fig. 10A). In order to circum-
vent these limitations, nucleotide dimers interconnected with a
pentaphosphate bridge have been proposed as an alternative to
dN*TPs. These nucleotide analogues are more stable to hydro-
lytic degradation since they do not bear a terminal phosphate
group and since the by-product after incorporation into DNA is
not pyrophosphate but a nucleoside tetraphosphate which are
good substrates for polymerases (Fig. 10B). These dimeric
pentaphosphate analogues are also readily tolerated by DNA
polymerases such as the Klenow fragment of DNA Polymerase I
(exo�) and therefore represent valid alternatives to dN*TPs.249

Instead of increasing and modifying the polyphosphate moiety,
multiple nucleosides can be integrated in triphosphate analo-
gues. Such trinucleotide triphosphates (triplets) can readily
be polymerised by a ribozyme obtained by in vitro evolution
methods (Fig. 10C).250 Both strategies have been applied to

canonical nucleic acids but are certainly amenable to modified
counterparts.

Ligation and enzymatic methods

The polymerization of dN*TPs is an efficient and versatile
method for the introduction of additional chemical groups
into nucleic acids, but it is limited by the number of modifica-
tions that can be incorporated (all four canonical nucleotides
can be modified252,253 and up to two additional unnatural base
pairs might be included254) and by the fact that all nucleotides
will bear the same modification. As an alternative, other
enzymes such as ligases can be used to construct modified
oligonucleotides. This can be achieved either by templated
ligation of two fully modified oligonucleotide precursors or by
the ligase-mediated polymerization of tri- or penta-nucleotide
fragments (Fig. 11). The first approach involves phosphodiester
bond formation between a 30-hydroxyl group on the acceptor
oligonucleotide and a 50-phosphate unit of the donor sequence
on a bridging DNA template complementary to both fragments
(Fig. 11A). Prior to bond formation, the ligase – mainly the T4
DNA ligase – binds to the cofactor ATP which needs to be added
to the reaction mixture to generate an enzyme-AMP e-amino
lysyl phosphoramidate intermediate.255 This intermediate then
undergoes nucleophilic attack by the 50-phosphate moiety
resulting in AMP transfer to the donor sequence. The adeny-
lated DNA then undergoes a second nucleophilic attack by the
ligase-activated 30-OH of the acceptor sequence to form the
phosphodiester bond and release AMP.256 T4 DNA ligase is
capable of efficiently joining short pieces of DNA or RNA
containing C-nucleotides257 and nucleobase258 as well as XNA
sugar modifications such as FANA or 20-OMe259 especially when

Fig. 10 Schematic representation of primer extension reaction with (A)
DNA polymerases using natural dN*TPs and formation of pyrophosphate
as by-product; (B) DNA polymerases and pentaphosphate deoxynucleo-
tide dimers which produces a nucleotide tetraphosphate as by-product
(shown next to the primer elongated by one nucleotide on the right hand
side), itself a substrate for polymerases and incorporated into DNA.
A second, incoming pentaphosphate deoxynucleotide dimer then allows
DNA synthesis to continue; (C) a ribozyme and nucleotide triplet building
blocks.
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the modified building blocks are located in the acceptor
sequence. The T4 DNA ligase, however, has a limited substrate
tolerance, and other ligases such as the T3 or the T7 DNA ligase
can be employed instead, as was reported in the case of TNA
(threose nucleic acid) containing oligonucleotides.260 Alterna-
tively, artificial ligases with an extended substrate repertoire
can be engineered by directed evolution experiments or
obtained by rational design which will undoubtedly facilitate
the synthesis of longer modified oligonucleotides.261,262

In the second, related approach, multiple phosphodiester
linkages are formed using smaller oligonucleotide precursors
owing to the compatibility of the T4 DNA ligase with short
oligonucleotides (Fig. 11B).263 Initially, highly efficient poly-
merization was achieved using codons consisting of trinucleo-
tides bearing base modifications at the first (50-end) position of
the fragment, resulting in the synthesis of oligonucleotides
containing up to 150 nucleotides.264 The polymerization effi-
ciency can be increased when modified pentanucleotide codons
are used albeit at the expense of a lower density of modification
as compared to ligation with shorter codons.265,266 Such an
approach is particularly appealing for the construction of
modified, randomized libraries of oligonucleotides for in vitro
selection experiments and has permitted the identification of
densely functionalized aptamers against thrombin267 and the
PCSK9 and IL-6 proteins.268,269 While other ligases, such as
the T3 DNA ligase, were shown to be capable of polymerizing

base-modified pentanucleotide codons,270 this method has not
been extended to sugar-modified oligonucleotides yet.

Recently, other enzymes were suggested as alternatives to
polymerases and ligases for the chemical labelling of nucleic
acids. For instance, adenosine deaminases acting on RNA
(ADARs) are RNA editing enzymes that catalyze the deamina-
tion of C6 of adenosine to yield inosine nucleotides, which
are in turn, recognized as guanosines by ribosomes and RNA-
dependent polymerases. The combination of the catalytic
activity of ADARs and the propensity of inosine to react with
Michael acceptors was harnessed to develop a new labeling
method for adenosine nucleotides in A–C mismatches of
dsRNA substrates.271

Applications

Several decades of research into nucleoside modifications have
resulted in their use in a vast number of applications. In non-
canonical DNA structures, they have been incorporated for
structure elucidation, manipulation, and stabilization, in addition
to various therapeutic and diagnostic applications. Additionally,
the field of oligonucleotide therapeutics, particularly antisense,
RNAi, and aptamer-based candidates, would not have gained
momentum without the introduction of nucleoside modifications.
Similarly, the use of photolabile protecting groups in nucleosides

Fig. 11 Ligase-mediated synthesis of modified oligonucleotides: (A) two modified oligonucleotides (e.g. containing FANA or TNA units) can be ligated
using a bridging DNA or XNA template; (B) multiple nucleotide codons containing base-modified nucleotides can be ligated to generate modified
oligonucleotides.
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has made it possible to synthesize libraries of millions of unique
oligonucleotides with microarray technology.

Stabilization of non-canonical DNA structures

Non-canonical DNA structures do not rely on the typical Wat-
son–Crick base-pairing for formation, and several lines of
evidence suggest that they are ubiquitous in biological systems.
G-quadruplexes and i-motifs, for instance, have been suggested
to regulate important cellular processes such as transcription
and telomere extension and are currently considered as impor-
tant therapeutic targets.272–274 Triple helix formation, on
the other hand, has been explored as a therapeutic tool for
transcription modulation and antigene therapy.275,276 There is
also increasing evidence to suggest that RNA triple helices
mediate biological mechanisms associated with telomere
maintenance, RNA splicing, and protection of RNA against
degradation.277 In addition to their biological and therapeutic
relevance, the aforementioned structures have been used in
nanotechnological and biotechnological applications including
catalysis and sensing.278,279

Modified nucleosides have been incorporated into non-
canonical nucleic acids to elucidate their structure and uncover
a deeper understanding of their folding properties and bio-
logical significance. Here, we highlight the major contributions
of nucleoside modifications to the study of G-quadruplexes,
i-motifs, and triple helices.

Stabilizing G-quadruplexes. Nucleic acid modifications have
been beneficial for the study, elucidation and manipulation
of G-quadruplex structure. Here, we summarize the primary
factors that enable modified nucleosides to stabilize G-quad-
ruplexes and modulate their folding topology. Additionally, key
examples showcasing some applications of chemically-modified
G-quadruplexes are highlighted. For more comprehensive lists
and summaries on modified nucleosides incorporated into
G-quadruplexes, the reader may consult recent reviews.280,281

G-quadruplexes originate from guanine-rich sequences and
consist of stacked guanine tetrads (Fig. 12a) which can be
strung together via connecting loops. The tetrads are stabilized
by Hoogsteen base pairs and further stabilized by central
cations (such as Na+ or K+). Based on the number of component
strands, a G-quadruplex can be tetramolecular, bimolecular, or
unimolecular. Additionally, a G-quadruplex can adopt a parallel,
antiparallel, or hybrid (3+1) topology (Fig. 12b), depending on
several factors including loop length and composition, nature of
the stabilizing cation, and orientation (syn/anti) of the N-glycosidic
bond of its constituent nucleotides.272,282

Certain modified nucleosides have been found to stabilize
the G-quadruplexes they were studied in, irrespective of their
glycosidic bond orientation. Prominent examples are illu-
strated in Fig. 13. Often, substituting the amino group at the
guanine C2 position preserves the anti N-glycosidic bond
conformation without interfering with the hydrogen bonding
network of a tetrad.283 For instance, N2-methyl dG (�m�G) (26)
can improve base stacking in the parallel tetramolecular anti-
HIV G-quadruplex formed from 50-T�m�GGGAG-30, thereby exhi-
biting thermal stability 10 1C higher than its unmodified
counterpart.284 This G-quadruplex, among other N2-methyl
substituted variants, also exhibited improved anti-HIV activity.284

5-Fluorouridine substituting loop thymidines (28) has also been
shown to stabilize G-quadruplexes, such as the antiparallel
thrombin-binding aptamer (TBA).285 In fact, the two most stabili-
zing substitutions at positions 4 and 13 of TBA were found to
increase anticoagulant activity. Given that the thymines at these
positions are the only two that stack onto the tetrad bases, it was
suggested that the fluorine atom of 5-fluorouracil strengthens the
stacking interactions, leading to increased stability. Modified
nucleosides capable of stabilizing G-quadruplexes have also found
applications as G-quadruplex probes, and a prominent example is
5-(benzofuran-2-yl)uracil (5bu) (29).286 Based on its fluorescence
signal, 5bu was shown to distinguish parallel, antiparallel and
hybrid (3+1) DNA and RNA G-quadruplexes, as well as exhibit
significant fluorescence enhancement when incorporated into
G-quadruplexes as opposed to duplexes. In addition to probing
G-quadruplex structure, probes like 5bu can be used to develop
fluorescence binding assays.

Often, modified nucleosides stabilize G-quadruplexes when
substituting those nucleosides with matching glycosidic orien-
tation. syn-Favoring 8-substituted guanosines, such as 8-bromo-
and 8-methyl-guanosine are widely utilized, as the substitutions
point towards the grooves and do not interfere with overall
quadruplex topology.281 For instance, 8-bromoguanosine (8bg)
has proven useful in promoting the predominant formation of
certain topologies of the polymorphic telomeric G-quadruplex.289,290

In fact, substituting two different pairs of dG in the 25-mer
human telomeric sequence leads to the exclusive formation of
either the hybrid-1 or hybrid-2 telomeric G-quadruplex topology
in potassium buffer.289 With the ability to stabilize different
hybrid forms, 8br-modified G-quadruplexes were conducive to
the development of a a-hemolysin ion channel-based, single-
molecule probe for G-quadruplex and triplex structure.289

In another example, fluorescent syn-favoring 8-heteroaryl-20-
deoxyguanosine derivatives can stabilize the antiparallel
thrombin-binding aptamer (TBA) in potassium buffers without

Fig. 12 (a) G-tetrad with a central potassium ion; (b) different
G-quadruplex topologies.

Fig. 13 Selected modified nucleosides that stabilized the G-quadruplexes
they were studied in; (26) N2-methylguanosine;284,287 (27) isoguano-
sine;288 (28) 5-fluorouridine;285 (29) 5-(benzofuran-2-yl)uracil (5bu).286
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altering its activity.291 In particular, 8-thienyl-dG was shown to be
most useful in probing duplex-to-G-quadruplex exchange, due to
the significant topology-dependent changes in emissivity. On the
other hand, 8-substituted guanosines can be made to adopt a
preferential anti conformation when aromatic groups are placed
far enough from the nucleobase by a connecting vinyl tether.
Accordingly, 8-(2-phenylethenyl)guanine and 8-[2-(pyrid-4-yl)-
ethenyl]guanine were shown to enhance the stability of the
predominant topology adopted by 24-mer telomeric G-quadruplex
in either sodium or potassium buffers when substituting dG at
position 9.292

Owing to their preferential syn/anti conformation, modified
nucleosides, particularly guanosine analogues, can be strategi-
cally placed to modulate G-quadruplex folding topology.
A detailed review on this topic by Haase et al. is available for
readers.293 Here, we will only summarize selected studies to
provide different examples on structural manipulations of
G-quadruplexes. syn-to-anti and anti-to-syn substitutions can
have unpredictable outcomes, as they could stimulate the
refolding of the G-quadruplex with a different topology or
obliterate G-quadruplex folding. One way in which guanosine
analogues can alter G-quadruplex structures is by triggering a
polarity inversion in a G-tetrad – an effect which normally does
not perturb overall folding topology (Fig. 14). Polarity inversion
refers to changes in the directionality (clockwise/anti-clockwise)
of Hoogsteen hydrogen bonding within a tetrad, resulting in
differences in base stacking. For instance, substituting the anti-
favoring 50-tetrad guanosines with syn-favoring 8-methyl-
guanosine in a tetramolecular parallel G-quadruplex results in
polarity inversion while preserving parallel-type topology.294

Similar effects are observed in non-parallel quadruplexes
when anti-favoring nucleosides, such as 20-deoxy-20-fluororibo-
guanosine, substitute syn-adopting guanosines.295 The extent
of destabilization that results from the structural perturbations
when the guanosine analogues are introduced depends on
several factors including the nature and position of the modi-
fications and the length of the connecting loops.293

The second way a guanosine analogue can modulate
G-quadruplex structure is by entirely changing the global topology.
Typically, parallel G-quadruplexes have their guanosines in

anti orientation, so parallel topology can be induced in non-
parallel G-quadruplexes by replacing syn-preferring guanosines
with anti-conforming analogues. The most widely employed
anti guanosine analogues are shown in Fig. 15, with 20-deoxy-20-
fluoroarabinoguanosine (20F-araG) (32) and locked riboguano-
sine (LNA-G) (3) promising superior stability of the induced
parallel structures.296–301,308 The demonstrated ability of
20F-araG to induce an exclusive and stable parallel topology in
the otherwise polymorphic telomeric G-quadruplex has been
beneficial for the study of telomerase activity.302 Specifically,
single-molecule FRET studies have recently revealed the mecha-
nism by which telomerase can unwind and extend the parallel
telomeric G-quadruplex.303 While 20F-araG substitutions have
often been found to be stabilizing, the introduction of LNA-G
is met with unpredictable outcomes, including stabilization/
destabilization of quadruplex forms or obstruction of
G-quadruplex formation.304 Strikingly, LNA-G substitution has
also resulted in a novel G-quadruplex topology in K+ buffer,
termed as V4 fold, when it substitutes positions 2, 4, 6 and 8 of
G4T4G4.305,306 This unusual fold is dimeric in nature with
G-tracts that fold back into V-shaped loops, in such a way as
to include features of both antiparallel and parallel topologies
within a single structure.

Stabilizing i-motifs. The quest to stabilize i-motif DNA
structures originates from their poor stability beyond acidic
pH, which complicates their use in in vitro applications under
physiological conditions. Consequently, several nucleoside
modifications have been employed to better understand the
factors that lead to poor i-motif stability at neutral pH. Here, we
summary the primary stabilizing modified nucleosides, as
other recent reviews cover the topic more extensively.309,310

The i-motif originates from C-rich sequences and consists of
two parallel duplexes that are intercalated into one another
in antiparallel orientation (Fig. 16). The intercalating hemi-
protonated cytosine–cytosine base pairs are the prime contri-
butors to i-motif structural stability, thereby explaining their
tendency to form in acidic media. Other factors that contribute
to i-motif stability are C-tract length, ionic strength, the length of
connecting loops, and capping base pairs in i-motif loops.311,312

The primary stabilizing i-motif modifications are summarized
in Fig. 17. Some base-modified cytidine analogues, such as
5-methylcytidine (34) and pseudoisocytidine (35), have been
shown to slightly enhance the stability of the i-motif.313,314 For
instance, introducing two methylcytidine substitutions into the
human telomeric i-motif results in up to 2 1C stabilization at
pH 6.313 The enhancement in stability is attributed, in part, to

Fig. 14 G-tetrad polarity inversion in the parallel MYC quadruplex after
substituting anti guanosine (gray) in the 50-tetrad with syn 8-bromo-
guanosine (red), reproduced from ref. 306.293 with permission from
John Wiley and Sons.

Fig. 15 Common anti guanosine analogues employed to stabilize parallel
G-quadruplex topologies; riboguanosine (30);307 20-deoxy-20-fluororibo-
guanosine (31);297 20-deoxy-20-fluoroarabinoguanine (32);296–298,308 LNA
guanosine (33).299–301
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the electron-donating effect of the methyl substituent, which
stabilizes the positive charge of the excess proton in the
C–C+ base pair.319 Pseudoisocytidine was shown to be more
promising, as a single substitution into a dimeric mini i-motif
sequence results in detectable i-motif species at neutral pH,
compared to the otherwise unfolded unmodified sequence.314

Another important cytidine base analogue is the substituted
phenoxazine nucleoside, known as i-clamp (36), which can
stabilize i-motifs at neutral pH by up to 5 1C when dually
substituted.315

Several sugar-modified cytidine analogues have also been
incorporated into i-motifs, and the most stabilizing include
20-arabinocytydine (araC) (37), 20-deoxy-20-fluoro-arabinocytydine
(20F-araC) (38), and locked nucleic acid cytidines (LNA-C) (39).
Typically, i-motif deoxynucleotides adopt a C30-endo (North) sugar
pucker, but ribonucleotides, which prefer a similar pucker, were
shown to be destabilizing.320 This destabilization has been pri-
marily attributed to the solvation of the hydroxyl groups, which
are oriented towards the minor groove.321 The effect of solvation is
reduced for 20-fluororibonucleotides incorporated into i-motifs,
thereby explaining their moderate stabilizing effects.321 While
LNA-C strongly adopts a C30-endo pucker, it may destabilize or
stabilize the i-motif depending on the number and positions of

the substitutions.318 Particularly, LNA-C can be stabilizing if it
is placed in such a way as to promote C–H� � �O contacts in the
i-motif narrow groove. In contrast, C20-endo (South) conforming
araC and 20F-araC have been shown to stabilize i-motif
structures, primarily because their 20-hydroxy and 20-fluoro
groups, respectively, point toward the i-motif major groove
and avoid any steric clashes.316,317 20F-araC, in particular, has
proven most effective at stabilizing i-motifs at neutral pH.317,322

Studies show that 20F-araC results in incremental stabilization
of i-motifs with every additional substitution of deoxycytidine,
and a fully substituted telomeric i-motif exhibits enhanced
thermal stability by 17.2 1C at pH 7 and an enhanced transi-
tional pH of 7.6 � 0.3 (compared to 6.3 � 0.2 in the unmodified
equivalent).317 The stability of the 20F-araC modified telomeric
i-motif was also shown to persist in the presence of a con-
comitant complementary telomeric G-quadruplex, thereby
resisting hybridization.302

Lastly, phosphate backbone modifications have also been
explored, with relevant examples including phosphorothioate
(PS) linkages and the polyamide backbone of peptide nucleic
acid (PNA).273,323,324 Studies have shown that phosphorothioate,
but not methylphosphonate, is conducive to i-motif formation.
Even at neutral pH, only little or no decrease in thermal stability
is observed for PS-modified i-motifs.

Stabilizing triple helices. Triple helices, or triplexes, consist
of a triplex-forming oligonucleotide (TFO) that is hydrogen-
bonded via Hoogsteen or reverse Hoogsteen base pairing to
the purine bases of an oligopurine:oligopyrimidine duplex
(Fig. 18).339–341 Depending on the base composition of the
TFO (TC-rich, GT-rich, or AT-rich), triple helices are classified
as parallel or antiparallel, in reference to the orientation (50 to
30) of the TFO backbone relative to the oligopurine it binds to in
the duplex. Chemical modifications have been employed in
TFOs and triple helices for several reasons, such as overcoming
the poor physiological stability of the structures, addressing
charge repulsion between the strands, and equipping TFOs
with nuclease resistance for use in therapeutics. Here, we
provide several examples (Fig. 19) of nucleoside modifications
that have been utilized to stabilize triplexes.

More comprehensive reviews on triplexes and their respective
chemical modifications have appeared.276,280,342

Fig. 17 Selected modified nucleosides that resulted in i-motif stabili-
zation; (34) 5-methylcytidine;313 (35) pseudoisocytidine;314 (36) iClamp;315

(37) 20-arabinocytidine;316 (38) 20-deoxy-2 0-fluoroarabinocytidine;302,317

(39) LNA-cytidine.318

Fig. 16 Schematic of i-motif and illustration of a hemi-protonated cyto-
sine–cytosine base pair.

Fig. 18 Orientation of component strands of parallel and antiparallel
triplexes. The inset cartoon is a triple helix structure derived from a
NMR-structure (PDB-ID: 1BWG). Reproduced from ref. 325 with permis-
sion from Taylor & Francis.
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Phosphate backbone modifications have been employed to
stabilize triplexes, and prominent examples include phosphoro-
thioate (40), N30-P50 phosphoramidate (41), and cationic
N,N-diethyl-ethylenediamine (DEED) phosphoramidate linkages
(42).326–328 N30-P50 phosphoramidate-linked TG-rich and
TC-rich TFOs were shown to bind more strongly to their duplex
targets than their phosphate-linked counterparts, partly due to
improved Hoogsteen base-pairing facilitated by the C30-endo
pucker of the sugar.327 While several unmodified TFOs failed to
form stable triplexes at neutral pH, the triplexes consisting
of the modified TFO exhibited thermal stabilities of at least
40 1C. The same study also demonstrated that the TFO inhibited
transcription of a gene by halting RNA polymerase II at the site
of triplex formation. Cationic TFOs utilizing DEED phos-
phoramidate linkages were also shown to mediate gene
expression.343 Triplexes with cationic TFOs could form in the
absence of divalent Mg2+ cation and demonstrated improved
stability.328 Interestingly, they also formed under physiological
K+ concentrations which often hinder triplex formation and
promote TFO self-aggregation and G-quartet formation.

The effect of several nucleobase modifications on triplex
stability has also been explored. 8-Aminopurines have been
utilized in several purine-rich TFOs and the resulting enhance-
ment in triplex stability at neutral pH has been studied.329,344,345

For instance, it is suggested that the added stability of triplexes
containing 8-aminoadenine (43) originates from the extra
Hoogsteen hydrogen bond between the amino group and
thymidine in A-TT triads, in addition to the fact that the amino
group is well-accommodated in the minor-Major groove of the
triplexes.329,344 Similarly, another base modification that is
capable of stabilizing pH-dependent triplexes at neutral pH is

N7-glycosylated guanine (44).330,346 This modification has been
shown to display the same hydrogen bonding functionality
as protonated cytidine, which explains its role in stabilizing
C + GC triads. Other base modifications, such as 6-thioguanine
(45), have been shown to favor triplex formation by preventing
the self-aggregation of TFOs into G-quadruplexes in physio-
logical conditions.331 Another more challenging aspect of
triplex studies has been to stabilize triplex sequences containing
pyrimidine-purine interruption sites (also known as pyrimidine
inversions), which would be found in duplexes that are not
entirely composed of homopurine:homopyrimidine strands.332,334

For this purpose, sequence-nonspecific nucleosides, such as S (46),
were designed and shown to be successful.332,347 S consists of two
unfused aromatic rings linked to 20-deoxyribose and studies
showed that it could stabilize triplexes with interruption sites,
with some discrimination toward TA base pairs. Similarly,
substituted 3H-pyrrolo[2,3-d]pyrimidin-2(7H)-one analogues, such
as APP (47), were found to recognize CG base pairs with enhanced
selectivity and affinity.333,334

Lastly, sugar modifications have also been employed to
stabilize triplexes. 20-deoxy-20-fluoroarabinonucleoside (20F-araN)
(48) and 20-arabinonucleoside (20-araN) (49) TFOs have been
demonstrated to stabilize antiparallel triplexes upon hybridization
to DNA duplexes and DNA(purine):RNA(pyrimidine) duplexes,
similar to DNA and RNA TFOs.335,336 However, unlike RNA TFOs,
20F-araN and 20-araN TFOs could not form stable triplexes with
RNA(purine):DNA(pyrimidine) and RNA:RNA duplexes, thereby
highlighting the importance intermolecular C20OH-phosphate
contacts in stabilizing antiparallel triplexes.348 LNA (50) has also
proven useful in stabilizing triplexes, whether it substitutes
deoxynucleosides in the TFO or in the pyrimidine strand of the
target duplex.337 In the TFO, it can preorganize strand conforma-
tion owing to its locked C30-endo pucker, thereby reducing the
entropic cost of binding to the major groove. Similarly, LNA
introduced into the pyrimidine strand of the target duplex (alter-
nating with DNA monomers) folds the duplex into a conformation
that is amenable to TFO binding. The improved affinity to the
target duplex that LNA can confer to TFOs has been manipulated
in a DNA photocleavage study, where the LNA modified TFO
demonstrated consequent improved photoreactivity.349 Another
bridged nucleic acid analogue known as 20,40-BNANC[NH] (51) was
also explored and studies showed that it could, in some instances,
provide higher triplex stabilization and nuclease resistance than
LNA. In particular, TFOs with consecutive or extensive 20,40-
BNANC[NH] modifications are characterized with improved duplex
affinity compared to LNA.338

Antisense oligonucleotides (ASO) and siRNA

Following the success of phosphorothioate-modified (PS) anti-
sense oligonucleotides, the field of nucleic acid therapeutics
took off and experienced worldwide efforts to produce drug-
gable oligonucleotides using numerous nucleoside modifications.
Importantly, research focused on those modifications that
conferred oligonucleotides with improved therapeutic activity,
bioavailability, nuclease stability, and reduced off-target
effects. Here, we summarize common and recently developed

Fig. 19 Selected nucleoside modifications that resulted in triplex stabili-
zation; (40) Phosphorothioate linkage;326 (41) N30 - P50 phosphoramidate
linkage;327 (42) DEED phosphoramidate linkage;328 (43) 8-aminoadenine;329

(44) N7-glycosylated guanine;330 (45) 6-thioguanine;331 (46) S;332 (47)
APP;333,334 (48) 2 0-deoxy-2 0-fluoroarabinose modification;335 (49)
2 0-arabinose modification;336 (50) LNA;337 (51) 2 0,4 0-BNANC[NH].338

This journal is The Royal Society of Chemistry 2021 Chem. Soc. Rev.

Chem Soc Rev Review Article

Pu
bl

is
he

d 
on

 0
1 

M
ar

ch
 2

02
1.

 D
ow

nl
oa

de
d 

by
 U

ni
ve

rs
ity

 o
f 

W
at

er
lo

o 
on

 3
/1

4/
20

21
 7

:1
1:

30
 P

M
. 

View Article Online

https://doi.org/10.1039/d0cs01430c


nucleoside modifications for antisense and RNAi, in addition
to those which have been useful in improving the CRISPR-Cas
delivery system. Some examples of common and recent nucleo-
side modifications are highlighted in Fig. 20. For more com-
prehensive recent reviews on the topic, including those that
detail strategies for designing ASOs and siRNA, readers may
consult cited works.350–354

Phosphate backbone modifications. Internucleotide linkage
modifications have been successfully used to improve the
therapeutic properties of ASOs and siRNA. The phosphorothio-
ate (PS) linkage (40) was the first modification introduced and
among the most successful. It has been incorporated into 5 of
10 FDA-approved oligonucleotide drugs, as it confers them with
improved nuclease resistance, trafficking and uptake.352

Although PS-modified ASOs bind with reduced affinity to their
complementary target, they can still elicit RNase H-mediated
mRNA cleavage, so PS linkages are typically used in conjunction
with other modifications that increase binding affinity to a
target.355,356 On the other hand, PS backbones in siRNA result
in reduced activity, so they are only occasionally utilized
in oligonucleotide termini to confer nuclease resistance.357

Morpholino phosphorodiamidate (PMO, 52) and peptide
nucleic acid (PNA, 53) linkages are both neutral backbones
that have been extensively studied in therapeutic oligonucleo-
tides, with the former being successfully incorporated into two
FDA-approved ASOs. ASOs with these modifications cannot
elicit RNase H activity and instead operate as excellent steric
blockers or splice modulators.358–360 Although they have a
similar or greater affinity to their target strand compared to
unmodified ASOs, they do not readily traverse cell membranes
alone.361 Typically, conjugation to short peptides improves
tissue distribution and in vivo activity.362–364 In siRNA, the
use of PNA in the oligonucleotide overhangs demonstrated

enhanced silencing activity and serum stability.365 In recent
years, several other backbone modifications have been
explored. In ASOs, for instance, N30-P50 thiophosphoroamidate
linkages (41) have demonstrated therapeutic utility when incor-
porated into ASOs designed for telomerase inhibition.366,367

More recently, neutral methoxypropylphosphonate (MOP, 54)
linkages were used in PS-ASOs.368 The study showed that even
a single MOP substitution near the 50 terminus of gapmer
PS-ASOs preserves RNase H activity while reducing or elimina-
ting their hepatotoxicity. Neutral linkages have also been
explored in siRNA, and a recent example is the phosphotriester
backbone linked to thioester groups (55).369 siRNA with mixed
phosphotriester and phosphodiester backbones can cross cell
membranes more easily and bind serum albumin, thereby
achieving improved pharmacokinetic properties. They also
serve as prodrugs that are converted into native, functional
siRNA by thioesterases. A final phosphate modification to
consider in siRNA is that of the terminal 50-phosphate, which
is required for RISC loading but can be removed by cellular
dephosphorylation.354 Various phosphate analogues have been
explored to overcome this challenge,370 and 50-(E)-vinyl phos-
phonate has been shown to equip siRNA with improved gene
silencing activity.371,372

Ribose sugar modifications. Sugar modifications serve many
purposes in the therapeutic utility of nucleic acids.351 Modifi-
cations of the furanose ring of ribose can bias the sugar
puckering through stereoelectronic effects373,374 which can
stabilize secondary structures as well as increase binding
affinity for target sequences.350 Additionally, modifications
of the sugar ring can increase nuclease resistance, increase
bioavailability, and reduce toxicity.353 Ribose modifications at
the 20 position are undoubtedly the most commonly used to
alter the sugar conformation.350 Examples of modifications in

Fig. 20 Selected examples of prominent nucleoside modifications used in ASO and siRNA; (40) Phosphorothioate (PS) linkage; (41) N30-P50 thiopho-
sphoroamidate linkage; (52) morpholino phosphorodiamidate (PMO) backbone; (53) peptide nucleic acid (PNA) backbone; (54) methoxypropylpho-
sphonate (MOP) linkage; (55) phosphotriester linkages; (48) 20-deoxy-2 0-fluoroarabino (20F-ara); (50) locked nucleic acid (LNA) (56) 20-O-methyl
(20-OMe); (57) 20-O-methoxyethyl (20-MOE); (58) 20-deoxy-2 0-fluoro (20F); (59) S-constrained ethyl bridged nucleic acid (cEt); (60) 5-methylcytosine;
(61) 5-methyluracil (thymine); (62) abasic nucleoside; (63) 2-thiothymine.
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ASOs include 20-O-methyl (20-OMe; 56), 20-O-methoxyethyl
(20-MOE, 57), 20-deoxy-20-fluoro (20F, 58), and 20-deoxy-20-
fluoroarabino (20F-ara or FANA, 48) in Fig. 20, among many
others that are well-reviewed.350,375 Other notable sugar
modified oligonucleotides include a large family of conforma-
tionally constrained nucleic acids (Fig. 21). Examples are the
well-known, LNA (50),376,377 tricyclo-DNA (70),378–381 S-constrained
ethyl LNA (cEt, 59), and a series LNAs with different bridging
heteroatoms including nitrogen (66, 67),382,383 selenium (64),384,385

sulfur (65),386 and mixes of those338,387,388 (reviewed in ref. 350 and
389). Bicyclo DNA analogues have also been investigated, and these
include bcDNA (68),379 4,3-bicyclo DNA (69),388 20F Northern metha-
nocarbacyclic oligonucleotide (20F-NMC; 4),23 and oxanobornane
modified oligonucleotides (71).390 All these modifications improve
oligonucleotide nuclease stability and binding affinity to comple-
mentary RNA.350,352,375

20-Modified riboses are the most commonly employed
modified nucleosides in ASOs, yet they adopt a preferential
C30-endo pucker, deterring their extensive substitution into
ASOs designed to elicit RNase H activity. ASOs require DNA-
like character (C20-endo preferring nucleosides) to prompt
RNase H-mediated cleavage.375 Pucker preferences are impor-
tant in dictating the helical form (A or B) adopted by the
duplexes. The intermediate helicity between A and B form of
DNA:RNA hybrids enables important minor groove interactions
between RNase H and the DNA strand, partly conducive to
cleavage activity.391,392 Substituting deoxynucleosides of
DNA:RNA hybrids with C30-endo preferring nucleosides pushes
the duplex to adopt the A form more strongly, consequently
reducing RNase H activity. To address this challenge, the
gapmer strategy was adopted, whereby the central block of
the ASO (RNase H binding site) is composed of deoxynucleo-
sides for induction of RNase H cleavage and flanking blocks are
composed of modified ribonucleotides.393,394 On the other
hand, ASOs that operate as steric blockers (where RNase H
mediated cleavage is not required) can utilize 20-modified
riboses more readily, while RNAi mechanisms have been shown
to be relatively tolerant to extensively modified siRNA (with
some exceptions).351

20-OMe (56) was among the first modifications introduced
into ASOs. Further exploration of chemistries similar to 20-OMe

resulted in the discovery of 20-MOE (57). Oligonucleotides
modified with 20-MOE were shown to be even more stable to
nucleases than those with 20-OMe and have a higher binding
affinity to RNA complements.395,396 The success of 20-MOE is
exemplified by its use in three of six FDA-approved ASOs. It has
been used to substitute flanking nucleosides of RNase H active
gapmer ASOs, as well as throughout steric blocker ASO
sequences.397–399

20F (58) modifications have been used in similar ASO
strategies,400,401 and, unlike 20-MOE, they are very well tolerated
in both strands of siRNA.402,403 In fact, one of the two FDA-
approved siRNA drugs relies on extensive 20F modifications, in
addition to 20-OMe, incorporations for improved oligonucleotide
nuclease stability and binding affinity to complementary
RNA.348,350,352,369,375,391 As for the 20-OMe modification in
particular, it has been shown to reduce the immunostimulatory
effects of siRNA and is successfully used in both FDA-approved
siRNA drugs.352 Several strategies have emerged to strategically
employ 20-OMe in siRNA, and one example is its incorporation
at the two 50 terminal nucleosides of the passenger strand to
block it from entering into RISC and facilitate the loading of the
guide strand.404 Over the years, ways to optimize siRNA activity,
using these two modifications have been investigated and
developed.351,354 For instance, 20F modifications, being closer
ribose mimics, can be substituted more frequently into a guide
strand, as it requires compatibility with RNAi mechanisms.403,405

Other considerations include weakening siRNA duplex stability to
promote guide strand loading into RNAi machinery, or ensuring
that the guide strand binds with optimal helical geometry to the
target mRNA to elicit cleavage by RISC.402,406,407

The epimer of 20F, i.e., 20-deoxy-20-fluoroarabinose (20F-ara
or FANA, 48), has also been explored in therapeutic oligo-
nucleotides for its ability to confer oligonucleotides with
improved nuclease stability and improved hybridization to RNA.
Contrary to aforementioned modified nucleosides, 20F-ara nucleo-
sides adopt a preferential O40-endo conformation when hybridized
to an RNA target and effectively mimic the deoxynucleosides
in DNA/RNA hybrids, thereby eliciting RNase H activity.408

Consequently, FANA ASO design does not require a gapmer
strategy, but mixing and alternating 20F-ara nucleosides with
deoxynucleosides is important for maintaining adequate rates

Fig. 21 Selected conformationally constrained nucleoside analogues. (a) LNA analogues (b) other bi- and tricyclic nucleoside analogues.
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of RNase H cleavage.409–411 Delivery of PS-FANA antisense
oligonucleotides (ASOs) to the lung achieved appreciable local
lung concentrations at the site of action, at low administered
doses. In a 14-day inhalation study in monkeys, PDE-targeting
PS-FANA ASOs were found to be safe and well tolerated at
all dose levels tested (from 0.05 to 2.5 mg per kg per day).
Moreover, pharmacokinetic studies indicated very low levels of
PS-FANA ASOs in plasma (o1%), and no plasma accumulation
was obtained after repeated doses.412 More recently, Rossi and
co-workers evaluated the in vitro potency of PS-FANA ASOs
targeting highly conserved regions in the HIV-1 genome.413

Carrier-free cellular internalization of these oligomers resulted
in strong suppression of HIV-1 replication in HIV-1-infected
human primary cells, attributing these effects to both RNase H1
activation and steric hindrance of dimerization. In siRNA, FANA
has been shown to be well-tolerated in the passenger strand, and
the simultaneous incorporation of ribose 20 modifications, such
as 20F, demonstrated improved gene silencing activity.414,415

In addition to 20 modifications, several nucleosides with
simultaneous ribose 20 and 40 modifications have been synthe-
sized and explored for their siRNA activity. In 2015, 20-deoxy-
20,40-difluororibouridine (Fig. 22, 72) was incorporated into the
guide strand of siRNA and was shown to be as potent as the 20F
modification.416,417 The 40 fluorine modification is attractive
because it reinforces the C30-endo sugar pucker,418 thereby
conformationally restricting the sugar without the need to
introduce 20-40 carbon bridges. This work has inspired subse-
quent studies utilizing 20,40 modifications, and those with most
notable effects on siRNA potency include: 20-deoxy-20-fluoro-4 0-
methoxyribouridine (2); 20-methoxy-40-fluororibouridine (73);
20,40-dimethoxyribouridine (74); and 20-deoxy-20-fluoro-4 0-
methoxyarabinouridine (75).21,419,420 These nucleosides were
all shown to adopt C30-endo sugar pucker and confer oligo-
nucleotides with enhanced nuclease resistance without altering
the stability of RNA duplexes. These studies also showed that
the 20,40 nucleosides were compatible with siRNA, and among

siRNA duplexes tested, those with modifications at the 30 over-
hangs were among the most potent.

Lastly, other sugar-modified nucleosides that have found
applications in oligonucleotide therapeutics include bridged
nucleic acids (BNA). Two most commonly used BNA are locked
nucleic acid (LNA, 50) and 20-40-constrained ethyl BNA (cEt, 59).
Owing to their locked C30-endo pucker, LNA and cEt can
conformationally preorganize ASOs, thereby remarkably enhan-
cing their hybridization to complementary RNA.421–423 Both
BNAs have demonstrated therapeutic potential when used in
combination with other modifications in gapmer ASOs, steric
block ASOs, and siRNA.424–427

Nucleobase modifications. Nucleobase modifications are less
thoroughly explored in nucleic acid therapeutics, compared to
backbone and sugar modifications, as they typically result in
reduced oligonucleotide binding affinity or base-pairing specifi-
city. 5-Methylcytosine (60) and 5-methyluracil (61) have been
among the most successful, and they are used in three of six
FDA-approved ASO drugs. Owing to the stacking of the methyl
group between planar nucleobases in the major groove, these
5-methylpyrimidines increase the thermal stability of oligo-
nucleotide duplexes.350 In the context of RNAi, abasic nucleo-
sides (62) have been employed to eliminate miRNA-like off-target
repression, which represents a major challenge of siRNA.428 Even
though abasic nucleosides reduced oligonucleotide specificity,
siRNA activity was maintained. In another application, abasic
nucleosides in siRNA and 2-thiothymidine (63) in ASO have been
independently employed in allele-selective suppression of gene
expression in Huntington’s disease.429,430

CRISPR

Cluster regularly interspaced short palindromic repeats, or
CRISPR as they are more often referred to, in conjunction with
the CRISPR-associated (Cas) proteins, have garnered wide
attention for their gene editing capabilities, most recently being
the subject of the 2020 Nobel Prize in Chemistry.431 The most
common system relies on the Cas9 endonuclease which can
target DNA sites as directed by the CRISPR RNA (crRNA).432

Additionally, there is another RNA strand, the trans-activating
CRISPR RNA (tracrRNA), which is required, but researchers
have conveniently joined both strands together to form a single
guide RNA (sgRNA) system.433 Two different mechanisms of
gene editing can take place, non-homologous end joining
(NHEJ) which can lead to insertions or deletions (indels), or
homologous recombination (HR) which can introduce new
sequences. However, like ASOs and siRNA, CRISPR faces similar
challenges for delivery and stability in vitro as well as the
increased risk of off-target effects.434 For these reasons, modifi-
cations to the sgRNA of CRISPR/Cas systems are required for
effective use in cells.

The most common chemical modifications of ASOs and
siRNA have also been incorporated into CRISPR RNA strands
extensively and some key studies will be summarized, but they
are well-reviewed.433,435,436 Incorporation of 20-OMe, phosphoro-
thioate backbones, or thiophosphonoacetate backbones, as well
as combinations of them in the sgRNA showed increased indel

Fig. 22 Examples of 20,40-modified nucleosides explored for potent
siRNA activity. (2) 20-deoxy-20-fluoro-40-methoxyribouridine; (71) 20-deoxy-
20,40-difluororibouridine; (72) 20-methoxy-40-fluororibouridine; (73) 20,40-
dimethoxyribouridine; (74) 20-deoxy-20-fluoro-40-methoxyarabinouridine.
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efficiency in NHEJ.437 Use of these modifications resulted in
similar effects when a fluorescent gene was inserted with HR.
Additional studies with systematic introduction of 20-OMe,
20-fluoro, phosphorothioate, and cEt into the crRNA near the
ends increased activity as internal positions were required for
contact with Cas proteins.438 The 20-OMe, 20-fluoro, and phos-
phorothioate backbones were examined in further detail and
incorporated into the crRNA and tracrRNA strands.439 Phosphor-
othioate incorporation near the end of the crRNA strand slightly
improved efficacy while the 20-OMe and 20-fluoro modifications
were only tolerated at specific positions. Modification of the
tracrRNA strand with 20-OMe, but only at positions that were not
interacting with the Cas9 protein were well-tolerated. Interest-
ingly, Yin et al. found that incorporation of DNA nucleotides in
place of RNA was not only well-tolerated, but significantly
reduced off-target effects when incorporated at the 30-end of
crRNA.440 As long RNA oligonucleotides are difficult to synthe-
size by solid-phase synthesis and are often required for sgRNA
approaches, this represents an important discovery in making
CRISPR more available. However, extensive substitution with
DNA was also found to reduce activity.441,442

Additionally, LNA and some of its derivatives (including the
aforementioned cEt LNA) have been introduced to CRISPR
sequences. In 2018, Cromwell et al. introduced LNA and
N-methyl substituted analogues into crRNA which greatly
reduced off-target effects by destabilizing crRNA-DNA duplexes
for incorrect sequences.443 O’Reilly et al. systematically investi-
gated the double helix structure of crRNA and tracrRNA by
introducing diverse chemical modifications with variable con-
formations (LNA, 20-F, FANA, 20-F-40-OMe RNA, 20-40-diOMe
RNA and others) and examining their effect on CRISPR/Cas9
activity.442 They found that A-form helices were tolerated best
in the seed region of crRNA while other diverse modifications
were better tolerated in other regions.

While there have been many similarities between the
approaches of chemists to ASOs and siRNA as with CRISPR,
there have been some unique applications towards the latter
that are worth mentioning. To fully implement CRISPR-based
therapeutics, it may be necessary to develop kill-switch inhibi-
tors that can halt Cas enzyme activity on demand. Inspired by
the discovery of anti-CRISPR proteins, the Gagnon and Damha
groups explored small nucleic acids as potential inhibitors of
Cas9 (termed CRISPR-SNuBs).444 Potent inhibition of Cas9 was
achieved with a DNA hairpin tethered to a 20-F/LNA ASO with
perfect complementarity to 15 nts of the tracrRNA that would
normally bind the crRNA. The presence of this inhibitor slowed
Cas9 activity in vitro and in HEK293T cells in a dose-dependent
manner, having a calculated EC50 in vitro very near the concen-
tration of the crRNA, with which it is designed to compete for
binding. Palumbo et al. recently designed sgRNA bearing a
variety of succinyl esters at the 30 end including an iodoacetamide
functional handle, strained cyclooctyne, Cy5 fluorophore, and
biotin which had negligible effects on cleavage efficiency.445 Using
the iodoacetamide functional handle they were able to achieve
crosslinking with a mutant Cas9 protein and the biotinylated
handle allowed for identification of three human proteins that

bind to sgRNA. Wang et al. recently blocked important 20OH
contact points between sgRNA and the Cas9 protein with photo-
labile groups, thereby preventing formation of the active
complex.446 Irradiation of living cells containing the modified
sgRNA and Cas9 protein cleaved the photolabile groups allowing
formation of the active complex and nuclease cleavage. Nahar
et al. showed in 2018 that addition of a G-quadruplex forming
sequence at the 30-end of sgRNA improved both efficiency,
stability, and specificity in zebrafish embryos.447

Aptamers

In SELEX (systematic evolution of ligands by exponential
enrichment) and related combinatorial methods of in vitro
evolution, large populations (B1013 molecules) are processed
through iterative rounds of screening (for binding or catalysis),
separation, and amplification steps to identify aptamers or
nucleic acid catalysts.448–450 One important advantage of the
polymerase-mediated synthesis of modified nucleic acids over
all other methods is its compatibility with the SELEX protocol.
Indeed, substitution of canonical nucleotides by modified
counterparts in PCR or PEX reactions permits the generation
of modified randomized libraries which can then be imple-
mented in selection protocols.451–454 This direct inclusion in
the SELEX protocol circumvents work-intensive and uncertain
structure–activity relationship studies that can be applied in
post-SELEX modification protocols of resulting functional
nucleic acids. Another strength of enzymatic synthesis of
modified DNA and RNA is the compatibility with in vivo settings
and unrestricted size which is not the case with solid-phase
synthesis. These features have been harnessed for the func-
tional tagging and crosslinking of nucleic acids with biological
targets in vitro and in vivo.455

Shortly after the advent of the SELEX method, early examples
of aptamers obtained via selection experiments that included
non-canonical nucleotides were reported.456–458 These early
experiments demonstrated that (1) dN*TPs could replace cano-
nical nucleotides for the construction of randomized libraries
provided they were tolerated as substrates by RNA and/or DNA
polymerases and that the resulting libraries could be converted
to unmodified nucleic acids without loss of sequence and/or
genetic information; (2) that the resulting aptamers displayed
enhanced properties and did not necessarily require post-SELEX
modifications; (3) an expanded physicochemical space could
partially compensate screening for poorly represented sequences
capable of activities that are difficult to be achieved by canonical
nucleic acid polymers. These findings spurred numerous selec-
tion experiments with dN*TPs leading to the identification of
aptamers containing XNAs, base-, sugar-, and/or phosphate-
modifications.

Base-modified aptamers. Numerous selection campaigns
aimed at improving the binding affinity of aptamers are based
on the grafting of hydrophobic moieties on nucleobases in
order to favor contact interactions with hydrophobic pockets
and residues located on the intended protein targets. Notable
examples include pyrimidine nucleoside triphosphates bearing
functional groups reminiscent of the residues of the side-chains
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of amino acids (76–78 in Fig. 23a) that are used to identify
SOMAmers (Slow Off-rate Modified Aptamers).459 The inclusion
of these dN*TPs in SELEX not only led to aptamers with high
binding affinity (usually in the low nM range) but also markedly
improved the success rate of selection experiments against more
challenging protein targets.460 X-ray structural investigations of
SOMAmer–protein complexes clearly demonstrated the implica-
tion of the side-chains of the modified nucleotides in important
binding and recognition events with the target proteins, under-
scoring the validity of this approach.460 These inherent properties
have led to the selection of SOMAmers against over 5000 different
human proteins which have been used for the development of a
proteomics assay (SOMAscan)461 for the simultaneous detection
of multiple biomarkers in biological fluids as well as for a better
understanding of the human plasma proteome.462

Another interesting, related example is nucleotide 79
(Fig. 23a) which is decorated with a tyrosine-like residue and
that allowed the identification of high affinity binding apta-
mers (KD = 27 nM) targeted against live E. coli DH5 alpha
cells.463 This base-modified aptamer compared favorably to
an existing RNA aptamer identified against the same target.
In addition to amino acid-like side chains, nucleotides have
also been equipped with additional nucleic acid bases in the
so-called base-appended base (BAB) modification (80 in Fig. 23a).

The BAB modification offers the possibility of forming new
hydrogen and stacking interactions and several potent aptamers
containing this modification have been selected.464,465

Functional groups that differ from chemical patterns found
in nature are scarcer, especially in the context of aptamer
selection experiments. A prime example is dUCTP (81 in
Fig. 23a) which is equipped with the benzene isostere cubane.
Cubane is entirely alien to biology and displays similar physico-
chemical properties to benzene. However, cubane is notor-
iously aplanar and non-aromatic and the cubyl hydrogen atoms
are rather acidic due to the ring strain imposed by the cubic
structure and these C–H bonds can thus engage in hydrogen
bonding interactions. An aptamer was raised against the
malaria biomarker Plasmodium vivax lactate dehydrogenase
(PvLDH) using dUCTP in a SELEX experiment. The resulting,
so-called cubamer was capable of discriminating PvLDH from
the highly homologous PfLDH in a mimetic clinical situation.
An X-ray structural investigation revealed the formation of a
cubane hydrophobic cluster which interacts with a hydro-
phobic pocket of PvLDH; this interaction is reminiscent of
structures of SOMAmer-protein complexes. Interestingly, the
presence of an unique hydrogen bond was observed between a
cubyl hydrogen atom (C–H(2)) and a carbonyl of Leu232 which
is believed to be important for protein binding and discrimina-
tion from PfLDH (Fig. 23b).230 The cubamer selection is related
to the versatile click-SELEX method which has allowed the
isolation of various base-modified aptamers.119,466 Another
example of exotic functional groups are boronic acids since
they are not known to occur naturally in proteins or nucleic
acids. A boronic acid moiety was included on a dUTP analogue
(82 in Fig. 23a) and used to identify an aptamer capable of
binding to the glycosylation site of fibrinogen.467

Instead of equipping natural triphosphates with base-
modifications, randomized libraries can also be supplemented
with additional chemical diversity using genetic alphabet
expansion strategies. Indeed, the natural genetic code consis-
ting of the two Watson–Crick base pairs can be enlarged by
adding artificial nucleotides that pair together to form unna-
tural base pairs (UBPs).78,254,468 This strictly requires the UBPs
to be orthogonal to the canonical nucleotides which can be
ensured either by reprogramming the hydrogen bonding
pattern of nucleobases,79,254 by fine tuning the association of
nucleotides via shape complementarity,469 or by replacing
nucleobases with aromatic moieties that display large hydro-
phobic surfaces capable of interacting via stacking and packing
forces.470,471 In addition to strict orthogonality, UBPs need to
be replicated with high fidelity and efficiency and potentially in
a totally sequence-independent manner.472,473 UBPs that meet all
these criteria have been employed for the selection of potent
aptamers against a variety of targets.78,79,474 Recently, efforts to
identify additional UBPs have centered on the quest of novel
artificial metal base pairs. In artificial metal base pairs, nucleo-
tides act as ligands to coordinate a bridging metal cation and thus
doing maintain orthogonality with the canonical base pairs.475

Enzymatic synthesis of artificial metal base pairs lags behind
UBPs in terms of efficiency, replication and by-pass capacity.476

Fig. 23 (a) Chemical structures of base-modified nucleoside triphos-
phates used in aptamer selections; (b) X-ray structure of a cubane-
modified aptamer in complex with the protein PvLDH (PDB ID code:
6TXR; courtesy from Dr Pascal Röthlisberger).
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However, some successful examples have been reported477–479

which have led to the possibility of constructing modified func-
tional nucleic acids.480–482 In addition, multiple studies have been
dedicated at refining the structural and chemical requirements
for the enzymatic synthesis of artificial metal base pairs476,483–485

and a recent report shows the possibility of forming up to ten
consecutive T–HgII–T metal base pairs by polymerase-mediated
synthesis486 which bodes well for the construction of libraries
containing metal UBPs for future use in SELEX experiments.

Sugar-modified and XNA containing aptamers. Initially,
sugar-modified nucleoside triphosphates were used in selec-
tion experiments to identify more stable aptamers, especially
with regards to nuclease-mediated degradation. Early experiments
concentrated on rather minute alterations of the (deoxy)ribose
scaffold such as the 20-OMe, 20-F, and 20-NH2 modifications
(Fig. 24) which were in part driven by the poor acceptance of
sugar modified nucleotides by DNA and RNA polymerases. These
modifications are also interesting because they impart a high
degree of nuclease-resistance to the ensuing aptamers and are
rather cost-affordable (both as phosphoramidites and as tripho-
sphates). However, recent progress in polymerase engineering and
methods of directed evolution has permitted the discovery of
polymerases and reverse transcriptases capable of synthesizing
XNA oligonucleotides from DNA templates and complementary
DNA from XNAs.216,487 Engineered polymerases opened up the
possibility of increasing the chemical diversity of sugar modi-
fications in randomized libraries. Engineered polymerases
have been instrumental in the identification of aptamers with
XNA modifications such as FANA, HNA, LNA, or TNA (Fig. 24)
against both protein139,487–489 and small molecule targets.490,491

Evolved polymerases also facilitate the selection of aptamers
with other sugar modifications such as 20-OMe groups492 or
bulkier functionalities appended at the 20-position of the
ribose.493 In the latter approach, an engineered polymerase
capable of efficient polymerization of 20-modified nucleotides
was used to construct libraries containing 20-N3-modified

cytosine nucleotides. The azide functionalities were then used
as synthetic handles for the incorporation of additional func-
tional groups via the CuAAC; an approach reminiscent of the
click-SELEX method developed for the identification of base-
modified aptamers.466 The resulting libraries were then used in
SELEX to identify anti-HNE and anti-factor IXa aptamers with
high binding affinities (KD values in the 20–100 nM range).493

Instead of altering the 20-position or introducing orthogonal
XNA scaffolds, resistance against nuclease-mediated degrada-
tion can be improved by substituting the 40-oxygen atom of the
furanose ring with a different heteroatom. Particularly, a 40-thio
substitution pattern allows a B600-fold improvement of nucle-
ase resistance compared to unmodified oligonucleotides and
maintains the possibility of enzymatically constructing libraries
for aptamer selections.494

A seemingly rather simple modification of the structure of
nucleic acids involves changing their homochiral nature. This
change in handedness can be obtained by using nucleotides
containing L-20 deoxyribose sugar units to construct oligo-
nucleotides instead of the corresponding, naturally occurring
D-building blocks (Fig. 24f). While this appears as a rather
straightforward substitution pattern and that various chemical
methods for solid-phase synthesis of L-oligonucleotides have
been devised, enzymatic synthesis and evolution of ligands
based on mirror-image polynucleotides is an arduous under-
taking since natural enzymes, particularly polymerases do not
recognize L-nucleotide building blocks and L-oligonucleotides.
Hence, strategies for evolving mirror-image aptamers, the so-
called Spiegelmers, rely on detours to evade the inability of
natural enzymes to produce and process L-oligonucleotides.
Essentially, mirror-images of the target are produced by chemical
synthesis and conventional SELEX with natural DNA/RNA is then
applied to identify D-aptamers. After the selection protocol, the
resulting aptamers are converted by solid-phase synthesis to the
corresponding L-enantiomers.495 Application of this strategy has
led to the identification of highly potent, nuclease stable apta-
mers against a variety of protein, nucleic acids, and small
molecule targets.496–498 While natural polymerases are capable
of binding to enantiomeric DNA, they cannot extend L-primers
with any type of nucleoside triphosphate.499 In order to circum-
vent this shortcoming, there are three possible alternatives for the
enzymatic synthesis of mirror-image DNA/RNA: 1. Chemical
synthesis of existing polymerases with D- rather than L-amino
acids which then accept L-nucleoside triphosphates;500,501

2. Construction of related ligases consisting of enantiomeric
D-amino acids capable of assembling L-DNA fragments
together;502 3. Cross-chiral ribozyme polymerases capable of
assembling long RNA oligonucleotides with the opposite
handedness.503 Hence, the emergence of possible enzymatic
routes for the synthesis of L-nucleic acids combined with
adapted sequencing protocols202 open up the possibility of
direct selection of Spiegelmers in the near future.

Backbone-modified aptamers. Numerous chemistries that
deviate from the native backbone have been proposed for the
development of therapeutic oligonucleotides but only a few are
compatible with enzymatic DNA or RNA synthesis.24,33,504,505

Fig. 24 Chemical structure of sugar and backbone modifications used
in aptamer selections; (a) 20-fluoro-modification; (b) 20-methoxy-
modification; (c) 20-amino-modification; (d) threose nucleic acid (TNA);
(e) 1,5-anhydrohexitol nucleic acids (HNA); (f) Spiegelmers (L-DNA);
(g) phosphorodithioates (PS2).
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Most backbone-modified aptamers obtained by direct selection
contain phosphorothioate linkages and are obtained by repla-
cing one or multiple nucleotides with a-thio-(d)N*TPs during
SELEX. These sulfur-containing analogues of canonical nucleo-
tides are rather good substrates for DNA and RNA polymerases
and are readily amenable to the construction of modified
libraries.506 The simple substitution of a non-bridging oxygen
atom by a sulfur has important repercussions since thioapta-
mers are markedly more resistant to nuclease degradation than
unmodified aptamers and also display higher affinities for
protein targets due to the reduction of cation binding and
disruption of the hydration pattern.162,507,508 However, the
number of oxygen to sulfur substitutions in the backbone of
aptamers must be carefully assessed since the inclusion of too
many PS units might cause non-specific binding and destabi-
lize secondary structures of aptamers. As an alternative, single
replacements of phosphate groups by phosphorodithioates
(PS2) has been recently shown to dramatically improve the
binding affinity of an existing anti-thrombin aptamer,172,509

presumably due to a localized induced-fit rearrangement of
the nucleotide equipped with the PS2 linkage (Fig. 24g).172

Despite synthetic accessibility to PS2-containing nucleoside
triphosphates510,511 this modification was only introduced in
post- and not pre-SELEX approaches.

Instead of an atomistic substitution pattern based on sulfur,
non-bridging oxygen atoms can also be replaced by borane
(BH3

�) units. The resulting a-P-boranophosphate linkages are
metabolically stable,512 are more lipophilic than native phos-
phate moieties,513 display low cytotoxicity,514 and have the
potential to be employed in boron neutron capture therapy
(BNCT).515 In view of these interesting features, BH3-containing
RNA aptamers against ATP have been identified by direct
selection using single a-P-borano-modified triphosphates
(a-B-UTP and a-B-GTP) in the SELEX protocol.505 However, no
other aptamers have been selected with this particular back-
bone modification.

Alkylphosphonate linkages are isostructural but not isoelec-
trostatic analogues of canonical phosphate groups. Backbones
containing alkylphosphonates are less prone to nuclease degra-
dation than unmodified counterparts and have been proposed
for the development of antisense therapeutic oligonucleotides
despite their sensitivity to basic conditions.350 Polymerases,
including the Klenow fragment of DNA polymerase I516 and
TdT,517 readily accept a-P-methylphosphonate nucleoside
triphosphates as substrates and enable the synthesis of DNA
containing these charge-neutral analogues. More recently, an
engineered polymerase was obtained by a combination of
molecular dynamics simulations and in vitro evolution and
shown to be capable of synthesis and reverse transcription
of a-P-methyl and a-P-ethyl DNA. More importantly, mixed
a-P-methyl-/a-P-methyl-containing libraries could be generated
and used in SELEX to identify fully modified, uncharged
aptamers specific for streptavidin (with KD values in the lower
nM range).24

Modified catalytic nucleic acid enzymes. The discovery
of naturally occurring catalytic RNA molecules (ribozymes)

predates the advent of SELEX but these combinatorial methods
of in vitro selection have allowed the identification of DNA
enzymes (DNAzymes) along with nucleic acid molecules capable
of catalyzing a broad variety of chemical transformations.451,471,518

The realisation that nucleic acid scaffolds required substantial
concentrations of M2+ cofactors for activity to compensate the
dearth of functional groups present on the nucleobases and
backbone, combined with the notorious fragility to nucleases,
rapidly called for the introduction of modified nucleotides in
SELEX experiments.519–521

As for aptamer selections, most unnatural modifications
used in SELEX of nucleobase-modified ribozymes and DNA-
zymes centered on side-chains reminiscent of the amino acids
found in the active sites of naturally occurring enzymes such as
RNase A. Indeed, supplementing randomized oligonucleotide
libraries with cationic amines and imidazoles (intended to
mimic lysine and histidine side-chains used by RNase A in
the M2+-independent catalysis of RNA hydrolysis) permitted the
identification of highly active catalysts that are capable of
hydrolyzing RNA substrates under in vivo-like regimes.519,522,523

When the chemosphere of these libraries is further expanded by
adding a third nucleotide bearing a permanently positively
charged side-chain, DNAzymes can access all-RNA cleavage capa-
city under multiple turnover conditions through an electrostatic
stabilization of their overall three-dimensional structures.524–526

Modified nucleoside triphosphates have also been used to
address other challenges in nucleic acid catalysis. For instance,
even though various selection campaigns have been devised to
identify unmodified proteolytic DNAs and RNAs,527,528 amide-
bond cleavage can only be achieved by base-modified
scaffolds.109,529 This stringent need is rather surprising given
that the half-lives for the uncatalyzed hydrolysis of the phos-
phodiester bond in RNA and the amide bond in proteins differ
only by a factor of B20.528 The addition of extra functional
groups can also increase the network of hydrogen bonding
accessible to nucleic acids and hence promote catalysis of
organic reactions such as the Diels–Alder reaction.520

An increase in chemical diversity of the scaffold of nucleic
acid catalysts can also be provided by sugar modifications
which grant access to nuclease resistant XNAzymes. A first
example of an XNA catalyst was obtained by the construction
of modified libraries with a mutant of the Tgo DNA polymerase
that tolerates a number of sugar-modified dN*TPs followed
by application of SELEX. Amongst the identified catalysts,
a FANAzyme exhibited the most favorable kinetic properties
(kobs = 0.026 min�1 in the presence of 20 mM Mg2+) including
multiple turnover catalysis for the cleavage of all-RNA
substrates.530 Other XNAzymes capable of RNA or FANA liga-
tion were also identified by application of the same strategy.
More recently, a highly potent FANAzyme was identified by
Chaput and co-workers.531 without requiring any specifically
engineered polymerase since efficient FANA-synthesis was
achieved with wild-type Tgo DNA polymerase and reverse transcrip-
tion to natural DNA was supported by the Bst polymerase.224 The
most efficient FANA-based catalyst hydrolyzes all-RNA substrates
with a catalytic efficiency (kcat/KM = 3.3 � 105 min�1 M�1)
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comparable to that of unmodified RNA-cleaving DNAzymes
assayed under high M2+ concentrations.531 Interestingly, this
FANAzyme hydrolyzes substrates containing a single embedded
riboguanosine nucleotide with higher pseudo-first-order rate
constant than DNAzyme 10–23 which is based on canonical
DNA and has already been used in clinical trials.532

Clearly, non-native modifications play a major role in cata-
lytic nucleic acids since they are suspected to have enhanced
RNA-based catalysis in an RNA World hypothesis by compen-
sating the short length of sequences by enhanced catalytic
activity and promiscuity533 and have permitted (and will
certainly continue) expansion of the catalytic repertoire of
DNAzymes and ribozymes.

Incorporation of reactive and functional groups. The inclu-
sion of additional chemical groups in nucleic acids via enzy-
matic synthesis is obviously not restricted to merely promoting
binding and catalytic activities.534 Popular examples involve the
appendage of fluorescent and radioactive tags for the in vitro
and in vivo detection of nucleic acids.185,535–537 This can be
achieved by using nucleotides bearing simple base-
modifications where fluorescein, BODIPY, or other organic
dyes are attached to the nucleobase via rigid linker arms.223

Alternatively, more complex structures can be integrated on the
nucleobases of nucleotide analogues such as antibodies. Even
though antibody-modified nucleotides are larger in size than
DNA polymerases they are readily incorporated into DNA. The
presence of these antibodies can then be detected via an
interaction with a secondary antibody used in combination
with classical fluorescent read-out systems such as the horse
radish peroxidase.538

Lastly, naturally occurring nucleobases can be substituted
with non-native, fluorescent counterparts. The resulting con-
structs bear highly emissive surrogates that can be used for
monitoring molecular and dynamic events at specific posi-
tions since they display isolated absorption bands and thus
permit selective excitation in the presence of canonical
nucleobases.539 The nucleobase surrogates can be designed
as isomorphs of the natural heterocyclic bases on furanoses to
minimally perturb the overall structure of double helices or
functional nucleic acids.540,541 Alternatively, larger fluoro-
phores can be integrated on natural furanoses or sugars with
altered chemistry.542,543 Such fluorescent analogues are con-
tinuously employed for the in vitro and in vivo detection of
specific DNAs or RNAs.

The incorporation of cross-linking moieties into nucleic
acids via the polymerization of modified nucleotides is advan-
tageous since these reactive functional groups are often sen-
sitive to the rather harsh conditions imposed by solid-phase
synthesis or might require intricate synthetic pathways.229

Hence, cross-linking agents ranging from small modification
patterns544,545 such as 4-thio-thymidine546 or chloroacetamide-
modified nucleobases547 to more complex functional groups
such as diazirine548 or squaramate98 have been introduced
into RNA and DNA using polymerases and modified nucleo-
tides. This strategy is particularly suitable for the investiga-
tion of interactions and contacts between nucleic acids and

proteins for instance in the context of investigating DNA repair
mechanisms.549

Photolithographic nucleic acid synthesis

Photolithographic nucleic acid synthesis refers to the light-
driven, in situ synthesis of repertoires of oligonucleotide
sequences on microarray chip technology.550,551 Maskless
photolithography is a modern, automated, and robust techni-
que that utilizes digital micromirrors to achieve automated
synthesis of thousands to millions of unique, spatially-defined
nucleic acid sequences.552 The advent of this technology has
allowed for the generation and manipulation of large amounts
of nucleic acid data and has therefore been beneficial for
several applications, including gene profiling,553 genotyping,554

gene synthesis,555 and re-sequencing.556 Several reviews on photo-
lithographic synthesis and its applications are cited.557,558

Additionally, photolithographic DNA synthesis has been vital
for the development of DNA as a medium for data
storage.559,560 To continuously improve available DNA-based
storage technologies, several research groups have been inves-
tigating portable storage,561 digital data encryption,562 and
storage architectures,563 among other innovations.

As suggested by the name, photolithography relies on light
for the in situ synthesis of nucleic acid strands. Synthesis of
oligonucleotides primarily proceeds via the phosphoramidite
cycle of solid-phase synthesis described in Section 2.2 (Fig. 7A),
with one key difference: a photolabile 50-OH protecting group is
used instead of the acid-cleavable DMT group. In addition
to reducing reaction times and avoiding harsh deprotection
conditions, photolabile protecting groups enable spatial control,
such that coupling reactions can proceed at defined positions on
the microarray surface.

The earliest photolabile protecting groups utilized in photo-
lithographic nucleic acid synthesis included [(a-methyl-2-
nitropiperonyl)-oxy]-carbonyl (MeNPOC) and dimethoxybenzo-
incarbonate (DMBOC) groups.564,565 Later, 2-(2-nitrophenyl)-
propyloxycarbonyl (NPPOC) group was used to protect the
50-OH of phosphoramidites, as it led to more efficient photo-
cleavage and higher yielding syntheses.566 Only recently were
groups introduced with even higher photolytic activity, and
these are benzoyl-NPPOC and thiophenyl-NPPOC.567–569 Use of
thiophenyl-NPPOC, in particular, led to twelve-fold increase in
photolytic efficiency and a reduction in synthesis errors relative
to NPPOC.

In addition to synthesis of DNA, photolithography has been
employed to construct libraries of nucleic acids composed of
alternative nucleosides, thereby highlighting the versatility of
the technique. A study has shown that PNA libraries can be
synthesized using NPPOC-protected monomers,570 and a more
recent study has successfully optimized conditions for the
challenging synthesis of RNA on microarrays.155,571,572

20-Deoxy-20-fluoroarabinonucleic acids (FANA) have also been
used in microarrays to map the affinity landscape of the
thrombin-binding aptamer.573 In the study, several combina-
tions of 20F-araN resulted in considerable increases in aptamer
stability and affinity, with significant contributions deriving
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from substituted thymidines at positions 3 and 12. The versa-
tility of microarray synthesis has also allowed for the higher-
level engineering of nucleic acid constructs to equip them with
additional functionality and complexity. For instance, a recent
study has shown that a synthesized DNA library is responsive to
post-synthetic chemical modifications such as cross-linking
DNA strands and post-synthetic enzymatic modifications using
DNA or RNA ligases and polymerases.3

Conclusions and perspectives

DNA and RNA oligonucleotides clearly provide a versatile blue-
print upon which a rich variety of functionality can be achieved
through thoughtful chemical modification. The use of oligo-
nucleotides in a broad range of fields and disciplines is a
testament to the creativity employed in designing novel func-
tional oligonucleotides. With the discovery of additional, nat-
ural modification patterns on DNA and RNA, warrants the
development of innovative synthetic and chemoenzymatic
methods, which can, in turn, be applied to introduce other,
non-native modifications. Chemoenzymatic methods, including
polymerization of dN*TPs and ligation of oligonucleotides
containing modified fragments, along with chemical methods
such as mechanochemistry and photolithographic synthesis will
facilitate the ever-growing demand for DNA and RNA sequences
equipped with non-native modifications.

Since the first modification of oligonucleotides in the form
of the PS backbone, a modification still widely employed today,
the repertoire of possible chemical modification has continued
to grow rapidly. Fundamental studies on chemically-modified
nucleic acids have provided significant structural insights on
the stability of various forms of DNA and RNA, as well as a
deeper understanding of structure–function relationships in
biologically and therapeutically relevant contexts. Chemical
modifications of the nucleobases permit practically limitless
inclusion of functional moieties that lead to properties including
increased binding affinity and catalytic activities, and reduced
immunostimulatory effects. Owing to nucleobase modifications,
fluorescent or redox labels may be introduced as well. In addition,
modifications to the sugar-phosphate backbone have been exten-
sively targeted to overcome issues with nuclease degradation and
membrane crossing in therapeutic oligonucleotides, with much
success. Through sugar-phosphate modifications, stabilization
of secondary structures and increased binding affinity has been
achieved while nuclease resistance, increased bioavailability and
reduced toxicity have also been imparted.

Oligonucleotide therapeutics are now recognized as the
third major drug discovery platform, in addition to small
molecules and antibodies. With an ability to engage targets
that are otherwise undruggable by conventional therapeutics,
nucleic acid-based drugs have opened new avenues for treating
intractable diseases, such as Huntington disease and spinal
muscular atrophy. Nucleic acid therapeutics have also emerged
as promising alternatives to conventional vaccine approaches.
Already, mRNA vaccines against SARS-CoV-2 are available, and

others are being tested for other infectious agents, or employed
in numerous cancer clinical trials.574 Recent progress has been
rapid, broad and exciting, with several oligonucleotide-based
drugs on the market and over a hundred candidates in early to
late-stage clinical trials. Such advances have been possible,
largely due to the ability to rationally design and readily prepare
nucleic acid analogues, allowing specific alterations to many of
the inherent properties that affect their biological activity and
potency. Oligonucleotide therapeutics is now focused on devel-
oping effective delivery strategies and the cornerstones that
determine productive pharmacokinetic and pharmacodynamic
relationships for chemically modified nucleic acids. These
include delivery strategies for promising clinical candidates
targeting the liver, tumor, muscle, and the central nervous
system. Also, conjugation to other nucleic acid sequences such
as aptamers or to other chemical modifications such as photo-
sensitizers will open new therapeutic avenues. Perseverance,
combined with innovative and strategic nucleic acid designs
and delivery systems, will continue to provide significant and
exciting advancements in this field.
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M. Hocek, Bioconjugate Chem., 2016, 27, 2089–2094.

548 C. C. Smith, M. Hollenstein and C. J. Leumann, RSC Adv.,
2014, 4, 48228–48235.

549 M. Winnacker, S. Breeger, R. Strasser and T. Carell,
ChemBioChem, 2009, 10, 109–118.

550 S. Fodor, J. Read, M. Pirrung, L. Stryer, A. Lu and D. Solas,
Science, 1991, 251, 767–773.

551 A. C. Pease, D. Solas, E. J. Sullivan, M. T. Cronin, C. P.
Holmes and S. P. Fodor, Proc. Natl. Acad. Sci. U. S. A., 1994,
91, 5022–5026.

552 S. Singh-Gasson, R. D. Green, Y. Yue, C. Nelson,
F. Blattner, M. R. Sussman and F. Cerrina, Nat. Biotechnol.,
1999, 17, 974–978.

553 C.-C. Chou, C.-H. Chen, T.-T. Lee and K. Peck, Nucleic Acids
Res., 2004, 32, e99.

554 J. Lietard and M. M. Somoza, Comput. Struct. Biotechnol. J.,
2019, 17, 862–868.

555 J. Tian, H. Gong, N. Sheng, X. Zhou, E. Gulari, X. Gao and
G. Church, Nature, 2004, 432, 1050–1054.

556 N. Berthet, I. Leclercq, A. Dublineau, S. Shigematsu, A. M.
Burguière, C. Filippone, A. Gessain and J.-C. Manuguerra,
Nat. Biotechnol., 2010, 28, 25–27.

557 J. D. Hoheisel, Nat. Rev. Genet., 2006, 7, 200–210.
558 R. Bumgarner, Curr. Prot. Mol. Biol., 2013, 101,

22.21.21–22.21.11.
559 L. Ceze, J. Nivala and K. Strauss, Nat. Rev. Genet., 2019, 20,

456–466.
560 Y. Dong, F. Sun, Z. Ping, Q. Ouyang and L. Qian, Natl. Sci.

Rev., 2020, 7, 1092–1107.
561 S. M. H. T. Yazdi, R. Gabrys and O. Milenkovic, Sci. Rep.,

2017, 7, 5011.
562 R. N. Grass, R. Heckel, C. Dessimoz and W. J. Stark, Angew.

Chem., Int. Ed., 2020, 59, 8476–8480.
563 J. Koch, S. Gantenbein, K. Masania, W. J. Stark, Y. Erlich

and R. N. Grass, Nat. Biotechnol., 2020, 38, 39–43.
564 M. C. Pirrung, L. Fallon and G. McGall, J. Org. Chem., 1998,

63, 241–246.

Chem. Soc. Rev. This journal is The Royal Society of Chemistry 2021

Review Article Chem Soc Rev

Pu
bl

is
he

d 
on

 0
1 

M
ar

ch
 2

02
1.

 D
ow

nl
oa

de
d 

by
 U

ni
ve

rs
ity

 o
f 

W
at

er
lo

o 
on

 3
/1

4/
20

21
 7

:1
1:

30
 P

M
. 

View Article Online

https://doi.org/10.1039/d0cs01430c


565 G. H. McGall, A. D. Barone, M. Diggelmann, S. P. A. Fodor,
E. Gentalen and N. Ngo, J. Am. Chem. Soc., 1997, 119,
5081–5090.

566 M. Beier and J. D. Hoheisel, Nucleic Acids Res., 2000, 28, e11.
567 M. Sack, K. Hölz, A.-K. Holik, N. Kretschy, V. Somoza,

K.-P. Stengele and M. M. Somoza, J. Nanobiotechnol., 2016,
14, 14.

568 N. Kretschy, A.-K. Holik, V. Somoza, K.-P. Stengele and
M. M. Somoza, Angew. Chem., Int. Ed., 2015, 54, 8555–8559.

569 K. Hölz, J. K. Hoi, E. Schaudy, V. Somoza, J. Lietard and
M. M. Somoza, Sci. Rep., 2018, 8, 15099.

570 F. Yang, B. Dong, K. Nie, H. Shi, Y. Wu, H. Wang and
Z. Liu, ACS Comb. Sci., 2015, 17, 608–614.

571 J. Lackey, M. Somoza, D. Mitra, F. Cerrina and M. J.
Damha, Chim. Oggi, 2009, 27, 30–33.

572 J. Lietard, D. Ameur, M. J. Damha and M. M. Somoza,
Angew. Chem., Int. Ed., 2018, 57, 15257–15261.

573 J. Lietard, H. Abou Assi, I. Gómez-Pinto, C. González,
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